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I. Introduction
The use of phosphate esters within the cell has a

range of applications. These include the use as a
source of energy such as in the form of adenosyl

triphosphate (ATP), a means of covalently linking
organic molecules synthesized in primary and sec-
ondary metabolism, or a mechanism of regulation of
protein function via covalent modification of amino
acid side chains. The reversible phosphorylation of
proteins can result in the activation or termination
of many important cellular events including cell
signaling, growth, and differentiation.1 The two
classes of proteins that are involved in this reversible
process are the protein kinases and protein phos-
phatases. The protein phosphatases can be divided
into two main subclasses based upon their substrate
specificity and protein structure.2-4 Protein phos-
phatases (PPs) specifically hydrolyze serine/threonine
phosphoesters, while protein tyrosine phosphatases
(PTPs) hydrolyze phosphotyrosine. The PTPs can be
further classified into phosphotyrosine-specific PTPs
and PTPs, which can hydrolyze both phosphotyrosine
and serine/threonine phosphoesters (referred to as
dual-specificity protein tyrosine phosphatases, DS-
PTPs). Each family of phosphatases (the PPs and
PTPs) utilizes dramatically different mechanisms to
facilitate catalysis. PTPs contain a cysteine nucleo-
phile, which forms an initial enzyme-phosphate
intermediate. This intermediate is then hydrolyzed
to form inorganic phosphate and the regenerated
enzyme. Although less is known about catalysis, PPs
contain a dinuclear metal ion center that has been
proposed to activate a water molecule for direct
hydrolysis of the serine/threonine phosphoester bond.

The importance of understanding the protein phos-
phatases is exemplified by the fact that approxi-
mately 150 protein phosphatases are believed to be
encoded in the human genome.5 Because of their
importance and ubiquitous occurrence in nature,
biochemical and structural studies have recently
explored the mechanism of phosphatase catalysis and
regulation. More work in this area is required,
however, before a complete mechanistic and regula-
tory picture of these enzymes is available. Several
excellent reviews on the PPs and PTPs have been
published within the last several years.2,6-12 Many,
however, are in the form of minireviews or do not
address the entire protein phosphatase family. A
review by Barford et al.13 does encompass both
classes of phosphatases, but new developments,
especially in the area of phosphatase structure,
mechanism, and regulation, have been published
since the release of this review. These recent results
provide greater insight into these important classes
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of phosphatases. In this review, the general features
of protein phosphatase structure and catalysis for
both the PPs and PTPs will be discussed in detail,
with greater emphasis on research published since
1997. Also presented is a review of the literature on
regulation of PTPs and specific members of the PP
class of phosphatases.

II. Protein Tyrosine Phosphatases

A. Structure of the PTP Family

1. Protein Tyrosine Phosphatases

There are three topologically distinct protein ty-
rosine phosphatase families (Figure 1) that share a
common active-site motif containing the sequence
C(X)5R(S/T) (single letter amino acid code and X can
denote any amino acid). One exception of this general
rule is Cdc25, which lacks the serine/threonine
residue. The first and largest family includes such
members as PTP-1B and Yersinia PTP as well as the
DS-PTPs VHR (for Vaccinia H1 Related) and
the mitogen-activated protein kinase phosphatases
(MKPs). The Yersinia PTP (Yop51) is a known
virulence factor in bacterium responsible for the
bubonic plague14 and is the most active phosphatase
known to date.15 The high catalytic efficiency of the
Yersinia PTP has made it an excellent model for the
study of the catalytic mechanism for the tyrosine-
specific protein phosphatases. PTP-1B was originally
isolated from human placenta, and while it exhibits
only ∼20-30% amino acid similarity with the cata-
lytic domain of Yersinia PTP,16 it shows a high degree
of structural similarity and has been used as a
representative member of the mammalian PTPs.
VHR is one of the smallest DS-PTPs, containing only
the catalytic domain that is common to all DS-PTPs.
This has made VHR an excellent model for studying
the catalytic mechanism of DS-PTPs and PTPs. DS-
PTPs are further characterized by an extended ac-
tive-site signature sequence (VXVHCXXGXXRS-
(X)5AY(L/I)M).17,18 A second family includes the low
molecular weight PTPs (LMW-PTPs), while the
third family includes the Cdc25 phosphatases. The
catalytic domain of PTPs consists of roughly 250
amino acids. While the PTPs contain as little as 10%
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Figure 1. Topological comparisons of three families of
PTPs: (A) The dual-specificity PTP VHR, (B) PTEN, (C)
Cdc25A, and (D) bovine low molecular weight phosphatase.
R-Helixes are represented as circles and â-strands as
squares. N and C specify the protein termini. The general
location of the cysteine nucleophile (Cys) and general-acid
residue (Asp) are presented for both VHR and PTEN.
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identity, the conserved sequences are mostly located
within the active site.

Through the solution of several X-ray crystal
structures of PTPs and DS-PTPs, a conserved sec-
ondary structural scaffold consisting of a single (R +
â)-type domain has been identified (Figure 1).18-22

This domain consists of four parallel â strands that
are sandwiched by R helices. The phosphate-binding
loop (also referred to as the PTP signature motif),
which contains the residues C(X)5R(S/T) (Figures 1
and 2),23 resides between the â strand starting with
C and the R helix beginning with R(S/T). This
catalytic region contains a conserved cysteine and
arginine residue which are critical for enzyme
activity.24-27 A highly conserved aspartate residue is
also required for catalysis28-30 and is located on a
separate loop (referred to as the general-acid loop)
near the top of the active site. The aspartate residue
resides approximately 30-40 residues away from the
active-site motif in the primary sequence.

One striking difference between the PTPs and the
DS-PTPs resides in the depth of the active-site
pocket. In the dual-specificity phosphatase VHR, the
depth of the active site is ∼6 Å deep in comparison
to PTP-1B and other PTPs, which have a depth of
∼9 Å (Figure 2).18 This difference in the depth of the
active site has been proposed to govern, in part, the
specificity of PTPs toward phosphotyrosine residues,
because the depth of the pocket roughly corresponds
to the length of the phosphorylated side chain.

Recently the crystal structure of the putative tumor
suppressor phosphatase, PTEN (phosphatase and
tensin homolog deleted on chromosome 10), has been
solved.31 PTEN has been shown to dephosphorylate
tyrosine- and serine/threonine-phosphorylated pep-
tides32 as well as inositol phospholipids such as PIP3
(phosphatidylinositol-3,4,5-triphosphate).33 It is now

generally believed that PTEN is a bona fide phos-
pholipid phosphatase and not a protein phosphatase.
PIP3 is an important second messenger involved in
signaling during cell growth.34 PTEN has been pro-
posed to act as a tumor suppressor, suppressing both
cell proliferation and growth by negatively controlling
the phosphoinositide 3-kinase signaling pathway.35-37

While PTEN shows no significant sequence homology
with any of the dual-specificity PTPs other than the
active-site signature C(X)5R, the phosphatase domain
of PTEN shows a high degree of structural similarity
to VHR (Figures 1 and 3). The active-site cleft of
PTEN is noticeably larger than VHR or PTP-1B,
however. The cleft is twice as wide but similar in
depth to PTP-1B. With respect to VHR, the active-
site cleft is both wider and deeper. Also, the signature
motif of PTEN is highly basic in nature, which has
led Lee and co-workers to propose how PTEN might
bind PIP3.38 Recent work involving the disruption of
PTEN in mice and in the worm Caenorhabditis
elegans as well as the expression of PTEN in tumor
cells containing nonfunctional PTEN alleles provides
even stronger support for the idea that in vivo PTEN
acts as a lipid phosphatase.39

2. Low Molecular Weight Phosphatases
A number of low molecular weight protein tyrosine

phosphatases (LMW-PTPs) have been isolated and
their corresponding crystal structures solved from a
variety of sources including human,40 bovine,41-43and
yeast.44 While the in vivo functions of these phos-
phatases is not yet well-defined, they have been
shown to dephosphorylate phosphotyrosine-contain-
ing substrates.45-47 In addition, overexpression of a
bovine liver LMW-PTPs in normal and transformed
cells has been shown to inhibit cell proliferation.48,49

With the exception of the active-site sequence C(X)5R-

Figure 2. Three-dimensional structure of the signature motifs of (A) VHR and (B) Yersinia PTP, illustrating the conserved
architecture of the active site utilized by PTPs. The peptide backbone comprising the phosphate-binding loop is purple.
The cysteine residues (red) are positioned below the phosphate (yellow, tungstate in Yersinia PTP) for SN2 attack, while
a conserved aspartate (blue) is ideally positioned to protonate the leaving group upon departure from the active site.
Partial structures were obtained from the crystal structures of VHR and Yersinia PTP published by Yuvaniyana et al.18

and Stuckey et al.,21 respectively. Structures were generated using Swiss Pdb Viewer v3.523 and POV-Ray v3.1.
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(S/T), LMW-PTPs share no sequence homology with
other PTPs, either receptor-like (LAR and RPTPR)
or nonreceptor-like (PTP-1B, VHR, Cdc25).43 As il-
lustrated in Figure 1, the topology of the LMW-PTPs
is even divergent from the larger PTPs. Like the
PTPs, LMW-PTPs contain a conserved aspartate
residue, which is also required for activity.30 The
presence of the conserved arginine, aspartic acid, and
cysteine residues within all LMW-PTPs is similar
to that observed with the PTPs and suggests that a
common catalytic mechanism is employed by both
protein phosphatase families.

3. Cdc25

In 1998, Fauman and co-workers reported the first
crystal structure of the catalytic domain of human
Cdc25A.50 The human Cdc25 family of phosphatases
(Cdc25A, Cdc25B, and Cdc25C) appears to regulate
progression of cells through the cell cycle by dephos-
phorylating specific Cdc2/Cyclin complexes.51-54 Cdc25
functions to dephosphorylate the cyclin-dependent
kinase Cdc2 in the fission yeast Schizosaccharomyces
pombe.55-57 As illustrated by Figure 1, the topography
of Cdc25A is dramatically different from the other
known PTPs, suggesting that the Cdc25 phosphatas-
es represent a unique family. Although the Cdc25
phosphatases contain the recognized C(X)5R signa-
ture motif, they do not share sequence homology with
the catalytic domains of any protein phosphatases.58

The folding pattern of Cdc25A is, however, similar
to that of a bacterial rhodanese from Azotobacter
vinelandii.59 While rhodanese catalyzes the transfer
of sulfane sulfur from thiosulfate to cyanide, generat-
ing thiocyanate and sulfite (Figure 4), the exact
biological role of this enzyme remains to be deter-
mined. Rhodanese contains a nucleophilic cysteine
residue which forms an initial persulfite linkage (R-
S-S-, Figure 4).60 A number of cationic residues

lining one side of the active site, including Arg-186,
are believed to position the thiosulfate residue as well
as polarize the S-S bond in thiosulfate for nucleo-
philic attack by the catalytic cysteine residue.61 In
the presence of a suitable nucleophile such as cya-
nide, the persulfite linkage is cleaved to regenerate
the active form of the enzyme and thiocyanate.

On the basis of the presence of the C(X)5R motif in
Cdc25 phosphatases, a mechanism similar to that of
the PTPs and LMW-PTPs has been proposed based
upon kinetic studies using Cdc25A.62 However, the
catalytic domain of Cdc25A does not adopt a similar
conformation to the PTPs nor does it appear to bind
oxyanions,50 which has led some to propose that the
catalytic mechanism used by Cdc25A is more closely
related to rhodanese than PTPs.63

Recently, the crystal structure of the catalytic
domain of Cdc25B was reported.64 A comparison of
the structure of Cdc25B to that of Cdc25A50 revealed
similarity within the catalytic domain. Interestingly,
key differences in the position of residues believed
to be essential for catalysis between Cdc25A and
Cdc25B were observed. For example, the carbonyl
group of residue 434 in Cdc25A (residue 477 in
Ccd25B) points toward the location where phosphate
should bind, which is opposite for that observed with
Cdc25B and other PTPs.18,21 Also observed was a
difference in the positioning of the side chain for Arg-
436 in Cdc25A. In Cdc25B, the corresponding argi-
nine residue at position 479 forms a hydrogen bond
with Glu-431, which is comparable to that observed
with other PTPs. Cdc25B also contains the C(X)5R
motif and was found to bind tungstate and sulfate
ions64 in a conformation similar to that observed with
other PTPs.18,21 Deletion of the C-terminal residues
in the catalytic domain of Cdc25B (up to the location
where both Cdc25A and Cdc25B deviate in structure)
resulted in nearly a 10-fold decrease in apparent
binding affinity for pNPP, indicating that the C-
terminal region in Cdc25B may be required for
substrate binding.64

B. Important Sequences Outside the Catalytic
Domain and Substrate Specificity of PTPs

The overall sequence identity and quaternary
structure of protein tyrosine phosphatases varies
greatly from family to family. Additional domains

Figure 3. Ribbon diagrams of VHR (blue) and PTEN
(purple) superimposed to show the structural similarity
between the two phosphatases. The phosphate-binding loop
for VHR is highlighted in gold, while the phosphate-binding
loop for PTEN is in red. Ribbon diagrams of VHR and
PTEN were obtained from the crystal structures published
by Yuvaniyama et al.18 and Lee et al.,31 respectively. The
nomenclature is that published for VHR by Yuvaniyama
et al.18 Structures were generated using Swiss Pdb Viewer
v3.523 and POV-Ray v3.1.

Figure 4. (A) Generalized mechanism for the formation
of the initial persulfite linkage from thiosulfate and
rhodanese. Cysteine numbering is for mammalian mito-
chondrial rhodanese. (B) Cleavage of the persulfite linkage
by cyanide to regenerate the active-site cysteine nucleophile
and thiocyanate.
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important for the biological function of the enzyme
may include amino-terminal immunoglobulin do-
mains followed by fibronectin-type repeats such as
that found in the receptor-type PTPs (RPTPs).11 The
RPTPs have been proposed to function in the regula-
tion of cell-cell contact and adhesion through ho-
mophilic binding interactions between adjacent
cells.66-69 The RPTPs contain either one or two
intracellular domains (D1, membrane-proximal do-
main; D2, membrane-distal domain) responsible for
phosphatase activity. Interestingly, for those PTPs
that contain two catalytic domains, D1 but not D2
domains exhibit efficient catalytic activity for several
RPTPs including RPTPR, CD45, and CLR-1.70-72 The
D2 domains of RPTPγ and RPTPú lack the cysteine
nucleophile, and most D2 domains do not contain the
general-acid aspartate.73,74 Additional mutations in
the primary structure of D2 from RPTPR (specifically
at positions 555 and 690 which reside in the general-
acid loop of D2, respectively) have recently been
identified and may explain the lack of activity of
domain D2.75 While the function of the D2 domain
remains to be determined, it is highly conserved
among the RPTPs, suggesting an important role.

Some PTPs contain SH2 domains, such as those
observed in SHP-2. SH2 domains are binding sites
for phosphotyrosine-containing peptides and consist
of approximately 100 residues. SHP-2 has been
proposed to participate in signaling cascades initiated
from receptor-mediated activation of Ras.10 Sub-
cellular targeting domains, located on the C-terminal
segment of many intracellular PTPs, are thought to
help direct the PTP to specific locations within the
cell and may also play a role in substrate specificity.
Several of the DS-PTPs contain two N-terminal CH2
(Cdc25 homology 1 or 2) motifs which display limited
similarity to the putative catalytic domains of Cdc25
phosphatases.76,77 The N-terminal noncatalytic region
of the DS-PTP MKP-3 (mitogen-activated protein
kinase phosphatase-3) displays tight binding toward
its substrate, ERK (extracellular signal-regulated
kinase). The DS-PTP M3-6, which has a similar
N-terminal noncatalytic region, shows specific in-
activation of both ERK and SAPK/JNK MAP kin-
ases.78-80 Chimeras between MKP-3 and M3-6 have
suggested that the N-terminal domain may be a key
component in selectively dephosphorylating the ERK
family of MAP kinases.80

The specificity of PTPs toward phosphorylated
substrates has been examined with a number of
phosphatases and, in many respects, cannot be
isolated to a single structural feature. As mentioned
previously, the increased specificity of PTPs such as
PTP-1B and Yersinia PTP toward phosphotyrosine-
containing substrates can, in part, be due to the
depth of the active-site cleft. Jia and co-workers have
shown that amino acid residues YRDV(46-49) lo-
cated between the first â-strand and first R-helix in
PTP-1B make specific contacts to the peptide back-
bone and the phosphotyrosine ring of the substrate.81

This four amino acid sequence contributes to the
overall depth of the pocket. As observed with VHR,
the loop connecting R1 and â1 is about 75% shorter
than PTP-1B, resulting in an active-site cleft that is

not as deep as that observed in the PTPs. This might
explain the broader phosphatase activity toward
phosphoserine/phosphothreonine-containing peptides.18

This decreased active-site depth of VHR allows for
the dephosphorylation of many substituted aromatic
phosphoesters which are inadequate substrates for
PTPs, based upon steric effects of substituents on the
aromatic ring.82

Residues residing in the catalytic domain of many
PTPs have been implicated in the specificity of
substrates. Keilhack and co-workers proposed that
the specificity of the catalytic domains toward epi-
dermal growth factor receptor by SHP-1 and SHP-2
is responsible for substrate specificity and not the
SH2 domains.83 Similar conclusions have been pro-
posed by O’Reilly and co-workers based upon studies
on the influence of SHP-1 and SHP-2 on Xenopus
oocyte maturation.84 Moreover, substrate trapping
mutants of PTP-1B have shown selective substrate
recognition that appears to be mediated by the
catalytic domains.85,86 A variable region (referred to
as the variable loop) in the human low molecular
weight PTP isozymes HCPTPA and HCPTPB (resi-
dues 40-73 using LMW-PTPs numbering, Figure
5) has been proposed to account for the differences
in substrate specificity of these enzymes as well.40

The variable loop comprises the floor and one wall
of a long crevice that leads away from the active site
in LMW-PTPs. A comparison of the X-ray crystal
structure of a human LMW-PTP to that of bovine
LMW-PTP (BPTP) has suggested that residues Trp-
49, Asn-50, and Arg-53 (bovine LMW) and Tyr-49,
Glu-50, and Asn-53 (human LMW-PTP), which are
positioned along the long crevice leading away from
the active site, are responsible for the observed
substrate specificity between the two phosphatases.40

It has been demonstrated that PTP-1B shows a
preference for acidic and hydrophobic peptides by
using the undecapeptide DADEpYLIPQQG (EGFR-

Figure 5. Ribbon diagram of human LMW-PTP with
HEPES complexed in the active site. The variable loop is
in blue, and the active-site signature motif CXXGXXR-
(S/T) is in purple. The location of residues 49, 50, and 53,
which are believed to participate in substrate specificity,
are located in red. The diagram was generated from the
crystal structure of human LMW-PTP published by Zhang
et al.40 The structure was generated using Swiss Pdb
Viewer v3.523 and POV-Ray v3.1.
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(988-998)) as a model.87,88 EGFR(988-998) (epider-
mal growth factor receptor, residues 988-998) has
been shown to be an excellent substrate for PTP-1B.
These observations have also been supported using
an “inverse alanine scanning” technique.89 In this
approach, the substitution of a single alanine for one
of the 19 non-alanine residues in the peptide Ac-
AAAApYAAAA-NH2 generates a library containing
153 specific peptides. The resulting peptides are then
analyzed for their effect upon substrate binding and
catalysis. From their results, Vetter et al. not only
supported the initial observations reported by Zhang
et al.,87,88 but also observed a preference for lysine
and arginine residues at any position of the peptide
substrate. Additional results suggested that residues
at the +1 position (with respect to phosphotyrosine)
may also contribute to substrate specificity.

Using the PTP-1B mutant C215S complexed with
DADEpYL-NH2 as well as site-directed mutants of
PTP-1B (Tyr-46, Arg-47, Asp-48, Phe-182, and Gln-
262), amino acids residing near the catalytic cleft
have been suggested to play a part in substrate
recognition and specificity, specifically Tyr-46,
Arg-47, and Asp-48 (Figure 6).81,90 To explain the
preference for acidic, aliphatic, or aromatic sub-
strates, crystal structures of the mutant PTP-1B-
(C215S) complexed with Ac-ELEFpYMDYE-NH2 and
Ac-DAD(Bpa)pYLIPQQG-NH2 (Bpa, p-benzoylphe-
nylalanine) were obtained.91 From the analysis of the
crystal structures of the PTP-1B mutant complexed
with either peptide, it was observed that Arg-47
forms two different conformations, depending on the
substrate. For acidic residues at -1 and -2 (in
relation to phosphotyrosine in the peptide substrate),
Arg-47 adopts a conformation allowing hydrogen
bonds to the carboxylate residues in the substrate.
When the residue at -1 is aromatic or aliphatic,
Arg-47 adopts a different conformation so the meth-

ylene carbons in the side chain can participate in
hydrophobic interactions.

Recently, Peters and co-workers identified a key
residue which appears to impart substrate specificity
to the PTPs PTP-1B and PTPR.92 The peptide
Ac-DADE(pY)L-NH2 as well as several analogues of
Ac-DADE(pY)L-NH2 were used to identify position
259 (Gly-259, PTP-1B numbering) as a key determi-
nant in substrate specificity. Ac-DADE(pY)L-NH2 is
derived from the epidermal growth factor receptor
and shows a higher degree of recognition by PTP-1B
as substrate in comparison to PTPR. In PTP-1B, a
glycine resides at position 259, which is proposed to
account for its broader substrate recognition. In
PTPR, glutamine is at position 259, which causes
steric hindrance due to the larger side chain and
results in further substrate discrimination. Further
studies using inhibitors of PTPs and X-ray crystal-
lography suggested that Gln-259 might also play a
role in catalysis by positioning the important residue
Gln-262. Gln-262 is believed to be important in
substrate binding, enzyme-phosphate (E-P) forma-
tion, and E-P hydrolysis.90

The DS-PTPs MKP-3 and VHR show a preference
for diphosphorylated substrates. Using diphosphor-
ylated MAP(177-189) kinase (DHTGFLpTEpYVATR)
and JNK1(180-189) kinase (FMMpTPpYVVTR),
Denu et al. observed that diphosphorylated sub-
strates are the best substrates in terms of phospho-
tyrosine hydrolysis (Km ) 100-200 µM and V/K )
30 000 M-1 s-1, where Km is the Michaelis-Menton
binding constant and V/K represents the apparent
second-order rate constant).93 As compared to diphos-
phorylated peptides, peptides monophosphorylated
on tyrosine had Km values of greater than 1.0 mM.
VHR was shown to hydrolyze tyrosine first at a rate
of 30 000 M-1 s-1 followed by slower hydrolysis (15
M-1 s-1) at the threonine position. A conserved

Figure 6. Ribbon diagram of (A) the PTP-1B mutant C215S complexed with the peptide DADEpYL-NH2 and (B) on
expanded view showing the position of specific residues relative to the peptide. For the peptide, the color yellow represents
carbon atoms, red represents oxygen atoms, and blue represents nitrogen atoms. The active-site signature motif CXXGXXR-
(S/T) is in purple. The locations of residues Tyr-46, Arg-47, and Asp-48, which are believed to participate in substrate
specificity, are located in orange. The diagram was generated from the crystal structure of the PTP-1B mutant C215S
complexed with the peptide DADEpYL-NH2 published by Jia et al.81 The structure was generated using Swiss Pdb Viewer
v3.523 and POV-Ray v3.1.
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arginine residue (Arg-158) resides on the surface of
the enzyme and is in close proximity to the active
site. Arginine residues have been proposed as anion
recognition sites in enzymes94 and, therefore, may be
the binding site for the second phosphorylated resi-
due in the substrate. This anion (phosphate) recogni-
tion site may also be important in substrate speci-
ficity for VHR and other DS-PTPs whose protein
substrates are diphosphorylated.

Crystallographic, peptide-binding studies, and ki-
netic data have shown that PTP-1B prefers tandem
diphosphorylated substrates. PTP-1B has been im-
plicated in the regulation of insulin receptor signal-
ing.95 Using the insulin receptor kinase (IRK) acti-
vation segment, Salmeen et al. observed specific
interactions between the phosphorylated residues
Tyr-1162 and Tyr-1163 and PTP-1B.96 Residue Tyr-
1162 was identified as the residue targeted by PTP-
1B for hydrolysis, while residue Tyr-1163 is located
in close proximity to a phosphotyrosine-binding site.
PTP-1B exhibited Km values for monophosphorylated
peptides that were 10-fold higher than the Km values
for tandem diphosphorylated peptides. Peptide-bind-
ing studies also showed a 70-fold greater affinity for
the tandem phosphorylated peptide.

C. Catalytic Mechanism of Protein Tyrosine
Phosphatases

1. Role of the Conserved Cysteine, Arginine, and
Aspartate Residues

Over the last several years, a substantial amount
of research has clarified much of the mystery behind
catalysis of the protein tyrosine phosphatases. In the
dephosphorylation of protein substrates, two chemi-
cal steps are required as depicted in Figure 7. The
first enzymatic step results in the formation of a
transient enzyme-phosphate intermediate and re-
lease of the product via nucleophilic attack of the
catalytic cysteine thiolate. The second enzymatic step
requires hydrolysis of the enzyme-phosphate inter-
mediate to generate inorganic phosphate and the

regenerated enzyme. The conserved cysteine residue
has been shown to be essential in all PTP families
such as the dual-specificity PTP VHR,24 the receptor-
like PTPs CD45, LAR, and RPTPµ,97-99 the PTP
PTP1,100 and LMW- PTPs.26 The pKa value of a
typical cysteine within a peptide or protein is ap-
proximately 8.5. The active-site cysteine in PTPs,
however, has a very low pKa and ranges from ap-
proximately 4.7 as reported in Yersinia PTP101 to 5.5
in VHR.28 In the Yersinia PTP, a histidine residue
at position 402 has been hypothesized to decrease the
pKa of the active-site cysteine (Cys403) by 2.7 pH
units,101 while threonine at position 410 lowers the
pKa of Cys403 by 0.6 pH units.102 Histidine does not
directly hydrogen bond to cysteine but instead par-
ticipates in a network of hydrogen bonds that ef-
fectively polarizes the amide N-H groups in the
backbone of the phosphate-binding loop and provides
positive microdipoles which are oriented toward the
cysteine residue.21,22,103 Zhang and Dixon demon-
strated that if the histidine residue in Yersinia PTP
(His402) is substituted with asparagine (Asn) or
alanine (Ala), the pKa of the active-site cysteine
increases to 5.99 and 7.35, respectively.101 This effect
is most likely due to the disruption of the hydrogen-
bond network within the active site. The low pKa of
the conserved cysteine ensures that it is deprotonated
and in the thiolate form at physiological conditions.

Upon substrate binding, several ionic interactions
between the phosphate residue and the active site
are formed. The conserved active-site arginine resi-
due coordinates with two of the oxygen atoms on the
phosphoryl group via its guanidinium side chain
(Figure 8).18,21,43,44,81 If the arginine is replaced with
lysine or alanine, these interactions are disrupted
and an approximately 30-fold increase in Km and an
approximately 8000-fold decrease in kcat was ob-
served.25 The remaining nonbridged oxygen atom
points toward the backbone amides of the phosphate-
binding loop.

Figure 7. Common mechanism employed by PTPs using
VHR numbering of many important amino acid residues
involved in catalysis.

Figure 8. Schematic view of the hydrogen-bonding net-
work in the active sites of PTPs (using PTP-1B numbering)
showing both interactions between substrate and the
peptide backbone of the phosphate-binding loop as well as
interactions with the general-acid loop.
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After substrate binding, the nucleophilic cysteine
thiolate reacts with the phosphorylated tyrosine,
serine, or threonine residue to form an initial thio-
phosphate intermediate and dephosphorylated prod-
uct (Figure 7). The conserved cysteine residue is
located at the base of the active-site cleft and is
positioned directly beneath the phosphate group of
the substrate (Figures 2 and 8). The substrate is
situated such that nucleophilic attack by the cysteine
thiolate is in line with the P-O bond, which would
allow for expedient expulsion of the leaving group
from the active site. Evidence of the formation of
the thiophosphate intermediate has been obtained
through the use of 32P-labeled substrates and 31P
NMR24,100,104,105 as well as through the analysis of the
X-ray crystal structure of the Gln262Ala mutant of
PTP-1B.106

A conserved aspartic acid residue is positioned near
the top of the cleft on a flexible loop (general-acid
loop) and is thought to not only play a role in the
formation of the thiophosphate intermediate, but also
participate in the hydrolysis step to regenerate the
enzyme (Figure 7).104,107 Site-directed mutagenesis of
the aspartic acid residue and pH rate profile experi-
ments have confirmed the involvement of this residue
in catalysis.28-30,107 Crystallographic data from the
thiophosphate intermediate of the PTP-1B mutant
PTP-1B(Gln262A)106 and Yersinia PTP complexed
with tungstate21 has shown that upon substrate
binding movement in the general-acid loop (ap-
proximately 6 Å) occurs, bringing the aspartic acid
residue closer to the active site and in position to act
as a general acid/base. The guanidinium group of the
conserved arginine residue within the phosphate-
binding motif makes an additional hydrogen bond to
a peptide backbone carbonyl three residues away
from the general-acid aspartate (Figure 8).18,21,43,44,81

Upon protonation and departure of the leaving group,
the resulting aspartate residue hydrogen bonds to a
water molecule, activating the water molecule for
hydrolysis of the thiophosphate.104 The role of aspar-
tate as a general acid/base may not be applicable to
all PTPs, however. Fauman et al.50 theorized that the
corresponding aspartic acid residue in Cdc25A
(Asp-383), which was initially proposed as the gen-
eral acid,108 may serve more of a structural role and
that Glu-431, which is the first X residue in the
HCXXGXXR signature motif for Cdc25A, may play
the role of general acid. From the crystal structure
of Cdc25A, it was determined that Asp-383 is posi-
tioned away from the active site and forms a hydro-
gen bond with Arg-385, making the aspartic acid
residue unavailable for protonation of the leaving
group or hydrolysis of the enzyme-phosphate inter-
mediate.

Recently, Chen et al. showed that the location of
the general-acid residue required for catalysis by
Cdc25B does not reside within the known structure
of Cdc25B but may be located on its protein sub-
strate, Cdk2.65 Mutating the residues Glu-474 or Glu-
478 of Cdc25B to glutamine, which lie in close
proximity to the active site, exhibited no effect on the
catalytic activity in comparison to wild-type Cdc25B
when using pNPP as substrate. When the natural

substrate Cdk2-pTpY-Cyclin A was used, however,
the E474Q mutant was 100-fold less active than wild-
type. Because Glu-474 is conserved among all known
Cdc25 phosphatases, the authors concluded that Glu-
474 may be required for substrate recognition. When
the pH profiles of wild-type Cdc25B using pNPP or
MFP (3-O-methylfluorescein phosphate) were com-
pared to the pH profile of wild-type Cdc25B using
the natural substrate Cdk2-pTpY/Cyclin A, striking
differences were observed. A typical pH profile for
the PTPs and DS-PTPs shows a pH dependency
below 4-6 as well as a pH dependency above pH 6-7.
The cysteine nucleophile is responsible for the critical
ionization below pH 6 and must be unprotonated for
activity. The conserved aspartic acid residue is
responsible for the ionization above pH 7 and must
be protonated for maximal activity. The pH profiles
using pNPP or MFP as substrate for Cdc25B showed
a lack of pH dependence above pH 6.5, indicating the
absence of a general-acid residue.65 The pH profile
using Cdk2-pTpY/CycA, however, showed a substan-
tial decrease in V/K as pH increased above pH 6.5,
indicating that a residue required protonation for
optimal activity of wild-type Cdc25B. The latter pH
profiles for the E474Q and E478Q mutants showed
identical pH dependencies at higher pH in compari-
son to the wt-Cdc25B/Cdk2-pTpY/CycA pH profile,
indicating that the mutations at Glu-474 and Glu-
478 were not responsible for the ionization observed.
These data provide support for the authors conclusion
that the general acid required for activity may reside
on the peptide substrate. The identity of possible
glutamate or aspartate residues on the peptide
substrate surface, however, has not been addressed.

2. Transition-State Structure and the Role of the
Conserved Serine/Threonine Residue in Catalysis

The use of heavy-atom kinetic isotope effects has
provided tremendous insight into the catalytic mech-
anism employed by the protein tyrosine phosphatases
and phosphate transfer in general. There is strong
evidence that phosphate monoesters in aqueous
solution react as either monoanions or dianions by a
dissociative mechanism109-113 in which the phospho-
rus atom in the transition state resembles metaphos-
phate (Figure 9). The dashed lines present in Figure
9 represent low bond order (<0.1) in the transition

Figure 9. Reaction and transition-state structures of
phosphate monoester (A) dianions and (B) monoanion in
aqueous solutions.
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state, with advanced bond cleavage to the leaving
group and minimal bond formation to the nucleo-
phile. For the monoanions of phosphate monoesters,
a dissociative mechanism in the transition state
similar to dianions is proposed (Figure 9) but the
proton is believed to be largely or totally shifted to
the leaving group in the transition state.

By using p-nitrophenyl phosphate (pNPP) labeled
at various positions with either 18O or 15N, three
different kinetic isotope effects can be observed to
examine the transition state of an enzymatic reaction
in detail as illustrated in Figure 10. Primary 18O
isotope effects (18kbridge) provide a reliable indication
of the degree of transition-state bond cleavage of the
bridged oxygen atom. Secondary 18O isotope effects
(18knonbridge) are observed in the nonbridged oxygen
atoms and probe the changes in bond order that occur
in the phosphoryl group. The magnitude of 18knonbridge
reveals whether the transition state goes through a
dissociative mechanism (metaphosphate-like, Figure
9) or an associative mechanism, similar to a pen-
tavalent phosphorane. By placing 15N in the nitro
group of pNPP, the 15N isotope effect (15k) measures
the extent of charge delocalization into the phenyl
ring of the leaving group. The primary, secondary,
and 15N isotope effects for the nonenzymatic hydroly-
sis of both the monoanion and dianion of pNPP in
solution have been reported and are consistent with
a dissociative transition state for the nonenzymatic
hydrolysis of phosphate monoesters.114 It has been
proposed, however, that enzymatic hydrolysis of
phosphate monoesters should proceed more through
an associative mechanism because the side chains in
the active site of the enzyme should be able to
stabilize the developing negative charge on the phos-
phoryl group in the transition state.115,116 In 1995,
Han and Coleman proposed that the transfer of
phosphate from phosphorylated substrates to a nu-
cleophilic cysteine residue in an alkaline phosphatase
mutant proceeded through an associative mechanism
with decreased bond cleavage to the leaving group.117

p-Nitrophenyl phosphate has been shown to be a
good substrate analogue for the PTPs, and as a
result, kinetic isotope studies have been performed
to probe the mechanism. For these enzymatic reac-
tions, isotope effects are manifested in V/K and
provide information on the chemical step of phos-
phoryl transfer from substrate to the nucleophilic
cysteine residue. In 1995, Hengge and co-workers
reported the first kinetic isotope studies on PTPs
using Yersinia PTP and PTP1 from rat.118 Table 1
lists the results from the kinetic isotope study as well

as for the hydrolysis of pNPP in solution. The
magnitudes of the 18(V/K)bridge (Figure 10) isotope
effects were similar to those measured in solution,
indicating that the chemical step is rate-limiting for
V/K and that the transition state proceeds through
a dissociative-like mechanism. This suggests that
binding of substrate as well as the conformational
change induced upon binding of substrate21 was rapid
and reversible. If these steps were partially or fully
rate-limiting, the magnitude of the isotope effects
would be suppressed. The cleavage of the P-O bond
in the substrate is well advanced with very little bond
formation to the nucleophilic cysteine. The similarity
of the 18(V/K)nonbridge isotope effects between the
enzymatic and nonenzymatic reaction for the dianion
(Table 1) suggests that the phosphorus atom adopts
a metaphosphate-like structure in the transition
state. The 15(V/K) isotope effect for the enzymatic
reactions was not observed. This indicated complete
charge neutralization in the leaving group by the
transfer of a proton from the conserved aspartic acid
residue. This charge neutralization compensates for
the cleavage of the P-O bond and buildup of negative
charge in the transition state. Using the Yersinia
PTP mutants D356A and D356N as well as the PTP1
mutant D181N, the role of the conserved aspartic
acid residue in catalysis was further investigated. A
substantial 15(V/K) for all three mutants was ob-
served (Table 1), indicating that the leaving group
was departing as the p-nitrophenolate anion and that
the aspartic acid residue was directly accountable for
protonation of the leaving group with the native
enzyme.

Kinetic isotope studies using the native DS-PTP
VHR and with the mutants D92N and S131A and
the double mutant D92N/S131A were also per-
formed.119 The magnitudes of 15(V/K), 18(V/K)bridge,
and 18(V/K)nonbridge for native VHR and mutant D92N
(Table 1) were similar to those obtained with Yersinia
PTP and rat PTP1 as well as the nonenzymatic
reaction. In the transition state for VHR, substantial
P-O bond cleavage and proton transfer from aspartic
acid to the leaving group occurs. In addition, minor
bond formation between the nucleophilic cysteine and
the phosphate residue occurs in the transition state.

More recent kinetic isotope studies using the low
molecular weight PTP Stp1 and with the mutants
D128A, D128E, and D128N were performed to com-
pare the transition state of LMW-PTPs with the
other PTPs.120 Stp1 has been shown to act as a
multicopy suppressor of the cell cycle regulator cdc25
temperature-sensitive mutants.121 The values for
15(V/K) and 18(V/K)nonbridge (Table 1) using native Stp1
differed from those values measured using Yersinia
PTP and VHR. The transition state still appeared to
be highly dissociative with respect to P-O cleavage
in the leaving group. Surprisingly, a larger 15(V/K)
effect was observed with respect to the 15(V/K) values
obtained for Yersinia PTP and VHR, indicating an
increased negative charge on the leaving group in the
transition state. A small decrease in the P-O bond
order, as represented by 18(V/K)bridge, was also ob-
served relative to the 18(V/K)bridge values for Yersinia
PTP and VHR. Hengge and co-workers proposed that

Figure 10. p-Nitrophenyl phosphate used for kinetic
isotope studies described in this review, indicating the
location and type of label used for measurements.
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this decrease would most likely be the result of
increased nucleophilic interactions of the cysteine
residue with the phosphate. Substitution of glutamic
acid for the aspartic acid residue at position 128 had
no appreciable effect on the transition state as
observed in 15(V/K), 18(V/K)bridge, and 18(V/K)nonbridge,
indicating that the mutation is not effecting the
transition state. This mutation has shown a 17-fold
decrease in phosphoryl transfer relative to wild-type
Stp1, however.122 As the authors conclude, the dif-
ference in activity between the D128E mutant and
native Stp1 may be a result of improper positioning
of the acidic residue due to the addition of an extra
methylene in the side chain. When aspartic acid was
replaced by alanine or asparagine, a dramatic in-
crease in 15(V/K) was observed. This provided evi-
dence that without the acidic aspartic acid residue
at position 128, the leaving group departs as the
p-nitrophenylate anion but still goes through a dis-
sociative transition state.

The conserved serine/threonine residue that resides
within the C(X)5R(S/T) signature domain has been
shown to play a role in catalysis and may be used in
the hydrolysis of the thiophosphate intermediate.
Substitution of alanine for serine in VHR results in
a 100-fold decrease in kcat but only a 2-4-fold reduc-
tion in kcat/Km.123 As a result of this substitution, the
rate-limiting step in catalysis was clearly hydrolysis
of the thiophosphate intermediate. The pKa of the
cysteine residue exhibits little change upon substitu-
tion, and because kcat/Km is affected only slightly,
serine does not appear to play a role in the initial
formation of the thiophosphate intermediate. Instead,
the hydroxyl group may play a pivotal role in the
hydrolysis of the thiophosphate intermediate to
regenerate the enzyme. Structural analysis of VHR,

Yersinia PTP, and PTP-1B suggests that their re-
spective hydroxyl groups are close enough to partici-
pate in a hydrogen bond with the catalytic cys-
teine.18,21,22 These conserved hydroxyl-bearing residues
(serine or threonine) could hydrogen bond with the
cysteine of the thiophosphate intermediate. As a
result of hydrogen bonding, the developing negative
charge on cysteine in the transition state would be
partially stabilized, making the thiolate a better
leaving group. Measurement of kinetic isotope effects
using the VHR mutant S131A (Table 1) indicates that
there is no appreciable change in the structure of the
transition state.119 In the double mutant D92N/
S131A, the isotope effects 15(V/K) and 18(V/K)bridge
also exhibit no profound change, indicating similar
degrees of bond cleavage on phosphorus and develop-
ment of negative charge on the leaving group. A
larger 18(V/K)nonbridge in comparison to the mutant
D92N is observed, however. This is an indication of
a loss of P-O bond order in the transition state but
was proposed as the result of the increased repulsion
of negative charges between the nucleophilic cysteine
residue and phosphorus. Similar results were ob-
served with the Stp1 mutant S18A.120 While it has
yet to be determined, serine/threonine may assist in
aligning the thiol-phosphate intermediate for hy-
drolysis by water.

Recently, the effects of general-acid catalysis by
mutations at a conserved tryptophan (located in the
general-acid loop) and arginine (located in the sig-
nature motif C(X)5R(S/T)) residue within Yersinia
PTP were reported using both steady-state kinetics
and heavy-atom isotope effects. Trp-354 (Yersinia
PTP numbering) is a highly conserved residue among
the phosphotyrosine-specific protein phosphatases.
Tryptophan, the general-acid aspartate, and proline

Table 1. Isotope Effects for Native and Mutant Enzymes of Yersina PTP, PTP1, VHR, and Stp1 Using pNPP

enzymatic reactions

enzyme 15(V/K) 18(V/K)bridge
18(V/K)nonbridge

native Yersinia PTPb 0.9999 ( 0.0003 1.0152 ( 0.0006 0.9998 ( 0.0013
Yersinia PTP-D356Ab 1.0022 ( 0.0003 1.0274 ( 0.0008 1.0007 ( 0.0005
Yersinia PTP-D356Nb 1.0024 ( 0.0005 1.0275 ( 0.0016 1.0022 ( 0.0005
Yersinia PTP-W354Ab 1.0021 ( 0.0002 1.0310 ( 0.0005 1.0038 ( 0.0005
Yersinia PTP-W354Fb 1.0013 ( 0.0002 1.0240 ( 0.0010 1.0015 ( 0.0008
Yersinia PTP-R409Kb 1.0020 ( 0.0005 1.0273 ( 0.0003 1.0049 ( 0.0007
Yersinia PTP-R409Ab 1.0012 ( 0.0003 1.0200 ( 0.0005 0.9990 ( 0.0007
native rat PTP1b 1.0001 ( 0.0002 1.0142 ( 0.0004 0.9981 ( 0.0015
rat PTP2-D181Nb 1.0019 ( 0.0002 1.0278 ( 0.0017 1.0018 ( 0.0003
native VHRc 0.9999 ( 0.0004 1.0118 ( 0.0020 1.0003 ( 0.0003
VHR-D92Nc 1.0030 ( 0.0002 1.0294 ( 0.0009 1.0019 ( 0.0005
VHR-S131Ac 1.0002 ( 0.0003 1.0119 ( 0.0005 1.0001 ( 0.0006
VHR-D92N/S131Ac 1.0029 ( 0.0003 1.0306 ( 0.0010 1.0031 ( 0.0007
native Stp1d 1.0007 ( 0.0001 1.0160 ( 0.0005 1.0018 ( 0.0003
Stp1-D128Ad 1.0030 ( 0.0005 1.0297 ( 0.0009 1.0010 ( 0.0006
Stp1-D128Ed 1.0006 ( 0.0002 1.0166 ( 0.0010 1.0013 ( 0.0003
Stp1-D128Nd 1.0034 ( 0.0003 1.0282 ( 0.0012 1.0024 ( 0.0005
Stp1-S18Ad 1.0010 ( 0.0002 1.0172 ( 0.0013 1.0024 ( 0.0005

solution reactionsa

15k 18kbridge
18knonbridge

monoanion in water 1.0005 ( 0.0002 1.0106 ( 0.0003 1.0224 ( 0.0005
dianion in water 1.0034 ( 0.0002 1.0230 ( 0.0005 0.9993 ( 0.0007
dianion in tert-butyl alcohol 1.0039 ( 0.0003 1.0202 ( 0.0008 0.9997 ( 0.0016

a From Hengge, A. C.; Edens, W. A.; Elsing, H. J. Am. Chem. Soc. 1994, 116, 5045-5049. b From Hoff, R. C.; Hengge, A. C.;
Wu, L.; Keng, Y.-F.; Zhang, Z.-Y. Biochemistry 2000, 39, 46-54. c From Hengge, A. C.; Denu, J. M.; Dixon, J. E. Biochemistry
1996, 35, 7084-7092. d From Hengge, A. C.; Zhao, Y.; Wu, L.; Zhang, Z.-Y. Biochemistry 1997, 36, 7928-7936
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make up the WpD motif found in most tyrosine-
specific PTPs.21,22,29 Initial kinetic studies using the
Yersinia PTP mutants W354F and W354A have
shown that the Km value for pNPP binding was
similar to the native enzyme.124 The kcat values for
the W354F and W354A mutants were 200-fold and
480-fold lower, respectively, from that of the native
enzyme. These mutants also showed a leaving group
and pH dependency similar to what was observed
with the general-acid mutant D356N. For the mutant
W354A, the V/K kinetic isotope effects are similar
to those observed for the D356N mutant (Table 1),
indicating that protonation by Asp-356 has been
eliminated by the mutation and that there is sub-
stantial negative charge development on the leaving
group in the transition state.125 In comparison, the
(V/K) kinetic isotope values for the mutant W354F
are intermediate between those of the W354A and
D356N mutant (Table 1), indicating partial proton
transfer in the transition state but not as developed
as that observed with the native enzyme. These
results, combined with the steady-state experiments,
suggest that Trp-354 is essential in the proper
movement of the flexible general-acid loop for cataly-
sis by the conserved aspartic acid residue. The
question should be raised, therefore, as to why
phosphotyrosine-specific PTPs require tryptophan
two positions upstream of the general acid. The DS-
PTPs do not have this conserved WpD motif. For
example, VHR contains an alanine (Ala-90) in the
same position as the tryptophan residue in Yersinia
PTP,18 while MKP-3 contains an isoleucine (Ile-260
in MKP-3).126 The isoleucine residue at position 260
in MKP-3 has also been proposed to interact with the
guanidinium side chain of the conserved arginine
residue at position 299 via the carbonyl backbone of
isoleucine.127 The presence of the tryptophan residue
in PTPs, therefore, may be required to provide
additional help in loop closure through π-π interac-
tions between the phenyl ring of the substrate and
the aromatic ring of tryptophan.

Mutations in the conserved arginine residues were
also shown to effect catalysis. Interestingly, mutation
of Arg-409 to lysine had a negligible effect on the Km,
but it is increased 30-fold in the Arg409Ala mutant,
and the kcat values for both mutants are about 4
orders of magnitude lower than those observed for
the native enzyme.125 The value of 15(V/K) (Table 1)
for the Arg409Ala mutant indicates partial proton
transfer to the leaving group in the transition state,
but general-acid catalysis is completely eliminated
in the Arg409Lys mutant. The loss of catalytic
activity that was observed in the Arg409Lys mutant
could be a result of decreased hydrogen bonding to
the oxygen atoms of phosphate in the transition state.
A substitution for alanine at this position would
eliminate all interactions between the phosphate
oxygens and the guanidinium side chain of Arg-409.
The effects of the Arg409Lys and Arg409Ala mutants
on proton transfer in the transition state were more
difficult to interpret by the authors, but they pro-
posed that the observed effects may be a result of
structural changes due to the addition of an extra
methylene that is present in the side chain of lysine.

This structural change may prevent movement in the
general-acid loop, thus preventing Asp-356 from
functioning as the general acid.

Using Stp1, the transition state for the hydrolysis
of the thiophosphate intermediate has also been
investigated.128 In the presence of primary alcohols
(methanol, ethanol, etc.), Stp1 has been shown to
transfer phosphate to the alcohol in addition to the
inorganic phosphate normally generated during the
hydrolysis of aryl phosphates.129,130 This broad nu-
cleophilic specificity in the hydrolysis of the thio-
phosphate intermediate has been utilized to obtain
Brönstead ânu: values which may reflect the degree
of bond formation between the nucleophile and the
phosphorus atom in the transition state.131 The
Brönstead ânu: parameter is obtained from correlation
of reactivity as a function of the pKa of the nucleo-
phile. For the nonenzymatic hydrolysis of various
phosphates with alcohols and amines, the ânu: value
ranges between 0.10 and 0.14.132,133 Using various
primary alcohols with pKa values ranging from 12.4
to 16.1, the rates of hydrolysis (k4) of the thiophos-
phate intermediate (Figure 11) were determined. A
plot of log k4 versus the pKa of the nucleophile
provided a slope of ânu: ) 0.14 ( 0.04 and is in accord
with the nonenzymatic hydrolysis of aryl phosphates
with alcohols, suggesting that the transition state for
hydrolysis of the thiophosphate intermediate is also
highly dissociative. Using the Stp1 mutant S18A, a
ânu: value of 0.26 ( 0.05 was obtained suggesting that
the transition state has become less dissociative due
to the increased negative charge that has developed
on the nucleophile in the transition state. As a
comparison, phosphate triesters react through an
associative mechanism134 and have ânu: values of
0.30-0.48.135 The substitution of Ser-18 to alanine
further supports the role of the conserved alcohol
stabilizing the transition state during thiophosphate
hydrolysis.104

D. Regulatory Mechanisms of Protein Tyrosine
Phosphatases

A universal mechanism for the regulation of phos-
phatase activity by PTPs has not been demonstrated.
In general, PTP activity is not dependent upon
posttranslational modification (e.g., acetylation, me-
thylation, phosphorylation) because most recombi-
nant PTPs expressed and purified from bacteria
exhibit high catalytic efficiency. It is reasonable to
propose, therefore, that catalytic activity is governed
through negative regulation. In this section, three
reversible regulatory mechanisms will be examined:
regulation by intra- or intermolecular interactions,
redox regulation of the catalytic cysteine residue, and
phosphorylation of the protein tyrosine phosphatase.

Figure 11.
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1. Regulation via Intra- or Intermolecular Interactions

The mitogen-activated protein kinase phosphatase
3 (MKP-3) is a dual-specificity PTP that shows a high
degree of selectivity for ERKs over other MAP ki-
nases such as c-Jun NH2-terminal kinases/stress-
activated protein kinases (JNK/SAPK) or p38 MAP
kinases.78,79 MKP-3 was recently shown to be acti-
vated upon binding of ERK2 to its noncatalytic
N-terminal domain.136 Independently, both Denu127

and Zhang137 investigated the mechanistic basis for
activation of MKP-3 by ERK2 and have come to
similar conclusions. The recently published X-ray
structure of the catalytic domain of Pyst1 (MKP-3)126

revealed a structure that was similar to that of
VHR.18 Surprisingly, the general-acid loop was flipped
20 Å away from the active-site cleft (Figure 12).
Using a combination of Brönstead analysis and pre-
steady-state and steady-state kinetics,127,137 both

groups presented data which supported a conforma-
tional change upon activation of MKP-3 by ERK2,
bringing the general-acid Asp-262 close to the active
site to participate in catalysis.

Although it had yet to be confirmed until recently,
Rigas et al. identified Asp-262 as the general acid/
base required for full catalytic activation of MKP-3
by ERK. Using wild-type MKP-3 and the MKP-3
mutant D262N, the kinetic isotope effects 18(V/
K)bridge, 18(V/K)nonbridge, and 15(V/K) (Table 2) were
evaluated upon activation by ERK and the effect of
the D262N mutation on the transition state.138 From
their results, the kinetic isotope effects were consis-
tent with Asp-262 acting as general acid by proto-
nating the leaving group. As expressed in the value
for 15(V/K) for the D262N mutant in comparison to
wild type, the lack of the general acid results in the
leaving group departing as the anion. Interestingly,
substitution of aspartate for asparagine at position
262 did not totally eliminate activation by ERK. This
residual activation of MKP3 mutant D262N by ERK
may result from partial stabilization of the transition
state for phospho-enzyme intermediate formation (4-
fold) and increased phosphate affinity by approxi-
mately 8-fold. These results can best be explained by
examining the influence of ERK upon the conforma-
tion of the general-acid loop. After binding to ERK,
the general-acid loop of the mutant can still adopt
the active closed conformation. This positions Arg-
299 correctly within the active site by Ile-260 of the
general-acid loop, stabilizing the phosphate oxygens
during catalysis and substrate binding.

Recently, specific regions on ERK and MKP-3 have
been identified which are important for binding and
activation of MKP-3 by ERK. Nichols et al. identified
specific subdomains within ERK2, using a series of
p38/ERK chimeras, which are necessary for binding
and catalytic activation of MKP-3.139 Mutation of a
kinase interaction motif (KIM) located at the N-
terminus of MKP-3 resulted in loss of activation in
the presence of ERK2. These results suggested that
conserved residues found in the CH2 domain of
MKP-3 are important for ERK2 binding. Using
mutational and deletion experiments with MKP-3,
Zhou et al. also identified regions on MKP-3 that are
important for ERK binding and activation.140 Specif-
ically, deletion of the KIM motif (residues 61-75)
resulted in a 125-fold reduction in ERK binding

Table 2. Isotope Effects for Native and Mutant MKP-3 in the Presence and Absence of ERK Using pNPP

enzymatic reactions

enzyme 15(V/K) 18(V/K)bridge
18(V/K)nonbridge

MKP-3 with ERK 1.0004 ( 0.0001 1.0168 ( 0.0005 1.0006 ( 0.0003
MKP-3 without ERK 1.0008 ( 0.0001 1.0202 ( 0.0040 1.0012 ( 0.0005
MKP-3 mutant D262N w/ ERK 1.0031 ( 0.0004 1.0316 ( 0.0013 1.0023 ( 0.0006
MKP-3 mutant D262N w/o ERK 1.0027 ( 0.0004 1.0320 ( 0.0030 1.0023 ( 0.0006

solution reactionsa

15k 18kbridge
18knonbridge

monoanion in water 1.0005 ( 0.0002 1.0106 ( 0.0003 1.0224 ( 0.0005
dianion in water 1.0034 ( 0.0002 1.0230 ( 0.0005 0.9993 ( 0.0007
dianion in tert-butyl alcohol 1.0039 ( 0.0003 1.0202 ( 0.0008 0.9997 ( 0.0016

a From Hengge, A. C.; Edens, W. A.; Elsing, H. J. Am. Chem. Soc. 1994, 116, 5045-5049. b From Rigas, R. D.; Hoff, R. H.; Rice,
A. E.; Hengge, A. C.; Denu, J. M. Biochemistry 2001, 40, 4398.

Figure 12. Ribbon diagrams of VHR (blue) and MKP-3
(yellow) superimposed to show the structural similarity
between the two phosphatases. The phosphate-binding loop
for VHR is highlighted in purple, while the phosphate-
binding loop for MKP-3 is in green. The variable acid loop
and location of the conserved aspartic acid residue for both
phosphatases is labeled for clarity. Ribbon diagrams of
VHR and MKP-3 were obtained from the crystal structures
published by Yuvaniyama et al.18 and Stewart et al.,126

respectively. Structures were generated using Swiss Pdb
Viewer v3.523 and POV-Ray v3.1.
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affinity while Arg-65 appears to be the most impor-
tant residue in this region. A conserved sequence
among all cytosolic MKPs (residues 161-177 in
MKP-3) was also shown to effect ERK binding upon
deletion, but the effect was substantially smaller (15-
fold). A third sequence located in the C-terminal end
of MKP-3 (residues 348-381) is believed to be
important in activation. By examining the inter-
actions between the N-terminal domain of MKP-3
and ERK in solution, Farooq et al. identified regions
of the N-terminal domain that are important for
MKP-3 activation.141 From their NMR solution struc-
tures and biochemical experiments, Farooq et al.
identified regions essential to ERK binding that also
made contacts to the C-terminal catalytic domain.
Specific regions on the N-terminal domain of MKP-3
that interact with ERK were also shown to overlap
with regions of contact between the N-terminal and
C-terminal catalytic domain.

The N-terminal domain is a common characteristic
among most of the MKPs, and specific binding and
activation appears to be a general phenomenon of
MKPs for their specific MAP kinases. While there is
general agreement that binding of ERK2 to the
N-terminal noncatalytic domain of MKP-3 induces a
conformational change within the MKP-3/ERK2 com-
plex, activating MKP-3 phosphatase activity, impor-
tant questions remain unaddressed. Specifically, are
all N-terminal noncatalytic domains involved in
activation of the corresponding C-terminal catalytic
domain? With respect to MKP-3, once MKP-3 is
activated, does dephosphorylation occur on the ERK2
that is bound to MKP-3? Alternatively, does activated
MKP-3/ERK2 dephosphorylate an additional ERK2
molecule? Also, is dephosphorylation ordered (e.g.,
pTyr first or pThr first) as well as processive? These
questions can be and should be applied to other MKP

family members as well. These mechanistic questions
will only be answered with further biochemical
studies.

Upon publication of the X-ray structures of the D1
catalytic domains from RPTPR and RPTPµ, two
distinct mechanisms have been proposed, even though
the proteins share 46% sequence identity.20,142 With
respect to RPTPR, an N-terminal helix-turn-helix
was found to be inserted into the active site of a dyad-
related D1 monomer (Figure 13).20 This observation
led Bilwes and co-workers to propose that dimeriza-
tion of the D1 catalytic domain in RPTPR may be a
method of regulation and might also be extended to
other RPTPs as well. Additional support for the
physiological importance of dimerization involved
studies with the PTP CD45, which is required for T-
and B-cell signaling.71 An EGF receptor-CD45 chi-
mera containing the intracellular region of CD45 and
the extracellular domain of the EGF receptor was
introduced to cells that lacked CD45 function.143 The
enzyme activity of the EGF-CD45 chimera expressed
in a T-cell line was inhibited by EGF-induced dimer-
ization in a wedge-dependent manor and resulted in
inhibition of T-cell signaling.143,144 Also, CD45 has
been chemically cross-linked in lysates,145 and the
intracellular domain of CD45 has been shown to
dimerize in solution,146 illustrating the potential for
dimerization by CD45. Support that RPTPR dimer-
ization may occur in vivo was initially reported in
1999 by Jiang and co-workers.147 Using the RPTPR
mutant Pro137Cys (the location of position 137
resides in the extracellular domain), dimerization via
a disulfide bond was observed, substantially reducing
the biological activity. Recently, mutations in the
wedge region of D1 and deletion of the entire D2
domain of RPTPR reduced but did not eliminate
dimerization, suggesting that both domains are in-

Figure 13. Ribbon diagram of (A) the RPTPRD1 dimer and (B) an expanded view showing hydrogen-bonding interactions
(dotted black lines) between important residues in each monomer (blue and red). Carbon side chains are in yellow; nitrogen
is represented as blue spheres and oxygen as red. The phosphate-binding loop for each monomer is highlighted in light
blue and gold, respectively. The ribbon diagram was generated from the crystal of the RPTPRD1 dimer published by Bilwes
et al.20 using Swiss Pdb Viewer v3.523 and POV-Ray v3.1.
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volved in dimerization.148 The transmembrane do-
main as well as the extracellular domain was also
shown to dimerize, suggesting that interactions
between all three domains (extracellular, transmem-
brane, and intracellular) may play an important role
in regulating RPTPR activity in vivo.

With the publication on the X-ray crystal structure
of the D1 catalytic domain of RPTPµ142 however,
homodimerization may not be a universal mode of
regulation of RPTPs. While the D1 domain of RPTPµ
was found to exist as a dimer, the amino-terminal
helix-turn-helix of one D1 domain was not inserted
into the active site of the other D1 domain. This
resulted in an active site that was open and unhin-
dered toward substrate binding. Hoffmann and co-
workers concluded that homodimerization is not a
common method of regulation. Several recent reports
have suggested that heterodimerization may be a
more generally applied method of regulation. Wallace
et al. showed that the noncatalytic D2 domain of
RPTPδ strongly binds to and inhibits the catalytic
activity of the D1 domain from RPTPσ.149 Weaker
interactions between the D2 domain of RPTPδ as well
as other RPTPs may play a role in regulating the
catalytic activity of the D1 domains. Blanchetot and
den Hertog demonstrated that RPTPR interacts with
the D2 domain of a number of RPTPs including
RPTPσ, RPTPR, LAR, RPTPδ, and RPTPµ.150 These
interactions were shown to involve the wedge struc-
ture of RPTPR-D1.

Although interactions between the D1/D2 domains
of many RPTPs may indeed help in regulating their
phosphatase activity, the discovery of pleiotrophin
(PTN) as an in vitro and in vivo regulatory ligand of
RPTPâ (also referred to as RPTPú)151 has further
complicated the picture on how RPTPs are regulated.
PTN is an 18-kDa heparin-binding cytokine that
signals a variety of different phenotypes in cells
undergoing normal and deregulated cellular growth
and differentiation. Meng et al.152 demonstrated that
PTN is a natural ligand of RPTPâ and upon binding
to RPTPâ reduces the catalytic phosphatase activity
of RPTPâ, resulting in increased levels of tyrosine-
phosphorylated â-catenin. The mechanism by which
PTN reduces the phosphatase activity of RPTPâ for
phosphorylated substrates has yet to be determined.
Additional biochemical studies should further clarify
the mechanism by which regulation of the phos-
phatase activity of RPTPs occurs and whether homo-
or heterodimerization is a generalized mode of regu-
lation.

Reversible intramolecular interactions between
various domains contained within protein tyrosine
phosphatases have been suggested to play a regula-
tory role. Recent work by Feiken et al. showed that
intramolecular interactions may also be a method of
regulation.153 Using RPTPµ, the D1 catalytic domain
was found to bind to an N-terminal region in the
intracellular portion of RPTPµ. This noncatalytic
region is termed the juxtamembrane (JM) region (aa
803-955) and is upstream from the D1 and D2
domains. The JM polypeptide could bind to both the
D1 and D2 domains but could not bind to full-length
RPTPµ, suggesting that the interactions between JM

and D1 or D2 were strictly intramolecular. Removal
of a large portion of the JM domain resulted in a loss
in the catalytic activity of the D1 domain, similar to
that observed with RPTPR and LAR,98,154 indicating
that the JM/D1 interactions are essential for activity.
The authors proposed (Figure 14) that in the inactive
state the D2 domain of RPTPR interacts with JM.
In the presence of substrate, the enzyme adopts a
new confirmation, forming interactions between JM
and D1, stimulating the dephosphorylation of the
substrate.

The SH2-containing PTPs provide the best ex-
amples of intramolecular interactions regulating
enzyme activity. To date, only three SH2-containing
PTPs (SHP-1, SHP-2, and corkscrew [csw], a Droso-
phila melanogaster homolog) have been identified.10

All three of these enzymes contain two SH2 domains
followed by the catalytic domain and a C-terminal
extension. While the enzymatic activity of SHPs are
relatively low in comparison to other PTPs,155 a 10-
fold increase in kcat is observed upon binding of a
single phosphotyrosine peptide to one SH2 do-
main.156,157 Binding of biologically relevant diphos-
phorylated peptides at significantly lower concentra-
tions in comparison to monophosphorylated peptides
result in 100-fold increase in catalysis.157 To under-
stand how phosphatase activity is regulated by
interaction of the SH2 domains with phosphopro-
teins, a mechanism was proposed based upon the
structural determination of SHP-2.19 The crystal
structure of SHP-2 (Figure 15) indicated that the
N-terminal SH2 domain (N-SH2) was bound to the
phosphatase domain, therefore blocking access to the
active site (Figure 15). The carboxyl-terminal SH2
domain (C-SH2) makes minimal contact to either
the N-terminal SH2 domain or the phosphatase
domain. The phosphotyrosine-binding sites for both
SH2 domains are located on the outside surface,
easily accessible to solvent.

An explanation for the low catalytic activity of
SHP-2 in the absence of ligand has been proposed
based upon the interactions that are observed be-
tween the active site of the phosphatase domain and
the N-terminal SH2 domain. The N-SH2 domain
makes extensive surface contacts with the phos-
phatase domain over an area of 1208 Å2, essentially
preventing the binding of phosphorylated substrates.
Critical interactions between the 4′-5 loop (Figure 15)
connecting â4′ and â5 strands in the N-terminal SH2
domain are observed with the loop extending deep
into the active site. These interactions include hy-

Figure 14. Proposed interactions between the JM domain
and the D1/D2 domains in RPTPµ by Feiken and co-
workers.153
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drogen bonding of Asp-61 of the N-SH2 domain with
the active-site cysteine residue (Cys-459), which locks
the SH2 domain into position. The insertion of the
4′-5 loop into the active site does not induce a
conformational change in the general-acid loop as is
observed with other PTPs.21,81 Instead, the active site
remains in the opened, inactive form and closure of
the general-acid loop would not be permitted.

The N-terminal SH2 domain of SHP-2 has been
proposed by Hof et al. to act as an allosteric switch
for phosphatase regulation. A comparison of the
SHP-2 crystal structure19 to that of the N-SH2
domain without and complexed with phosphopep-
tides158,159 reveals conformational differences between
the various forms of the N-SH2 domain. Upon
binding of a phosphopeptide to the N-SH2 domain,
conformational changes disrupt the interactions be-
tween the N-SH2 and phosphatase domains, elimi-
nating the inhibitory effects of the N-SH2 domain.

2. Oxidative Regulation of the Active-Site Cysteine

Biological oxidants play an important role in many
biological processes, including the regulation of growth
factor function and tyrosine phosphorylation-depend-
ent signal transduction.160-162 It has been proposed
that some of these effects are due to the inhibition of
intracellular PTPs by biological oxidants.163,164 While
there is substantial evidence for the biological oxida-
tion of PTP’s in vitro, more evidence is needed to
confirm that PTPs are oxidatively regulated in vivo.
It has been demonstrated that upon ligation of cell-
surface receptors, including cytokine and growth
factor receptors, a transient increase in the intra-
cellular concentrations of hydrogen peroxide (H2O2)
is induced within mammalian cells.165-167 PTP activ-
ity in crude cell extracts was shown to be inhibited
in the presence of many oxidants, including H2O2,
and activity was restored upon the addition of thiol-

containing compounds such as dithiothreitol (DTT)
and reduced glutathione (GSH).168,169 Epidermal
growth factor (EGF) induced formation of H2O2 has
been shown to affect the activity of PTP1B in A431
epidermoid carcinoma cells.170 The site of oxidation
of PTP1B was determined to be at the nucleophilic
cysteine residue (Cys-121), and oxidative inactivation
of PTP-1B is completely reversible.

Direct support that PTPs may be regulated through
a redox mechanism and that the transient formation
of H2O2 can target PTPs was obtained using the
phosphatases LAR, PTP1, and VHR.164 These phos-
phatases were found to be sensitive to inhibition by
H2O2, and activity could be restored by the addition
of thiol-containing reagents. The nucleophilic cysteine
was verified as the target of H2O2 inactivation in
VHR and proposed to be the site of inactivation in
LAR and PTP1. Results verifying the formation of a
sulfenic acid intermediate were substantiated through
the reaction of H2O2-inactivated phosphatase with
7-chloro-4-nitrobenzo-2-oxa-1,3-diazole chloride (NBD-
Cl, 1) (Figure 16). NBD-Cl has been used previously
to detect and identify cysteine sulfenic acid residues
at the active sites of mutants of alkyl hydroperoxide
reductase (AhpC) and native NADH peroxidase.171

Both AhpC and NADH peroxidase use a cysteine
thiolate to reduce peroxide substrates with the
concomitant formation of a cysteine sulfenic acid
intermediate. NBD-Cl was used to react with both
the cysteine thiolate and the cysteine sulfenic acid
to produce two distinct intermediates with different
absorbance spectra (Figure 16). The Cys-S-NBD
adduct (2) shows a maximal absorbance at 420 nm,
while the Cys-S(O)-NBD (3) adduct shows a maximal
absorbance at 347 nm. Using native and H2O2-
oxidized VHR to represent all three of the phos-
phatases in the study, Denu and Tanner obtained
conclusive evidence that a sulfenic acid intermediate

Figure 15. Ribbon diagrams of (A) SHP-2 and (B) an expanded view showing autoinhibition. The phosphate-binding loop
is highlighted in red. The nomenclature used for the separate domains was that published by Hof and co-workers.19 The
loop joining B4 and B5 of the N-terminal SH2 domain (purple) is inserted into the active site of the PTP catalytic domain
(purple), while the C-terminal SH2 domain (light blue) makes minimal contact to the remainder of the protein. Residues
important for catalysis or interactions between domains are presented in Figure 6B. The diagram was generated from the
crystal structure of SHP-2 published by Hof et al.19 using Swiss Pdb Viewer v3.523 and POV-Ray v3.1.
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is formed upon oxidation of the nucleophilic cysteine
residue by H2O2. Because the cysteine-sulfenic acid
residue can be reduced back to the thiolate by a
variety of biological reductants, the redox state
within the cell may play a major role in the regula-
tion of tyrosine phosphatase activity.

The cysteine sulfenic acid intermediate formed by
reaction of the cysteine thiolate and hydrogen per-
oxide is a very reactive intermediate. The existence
of this intermediate is only transitory and can be
further oxidized to either a sulfinic or sulfonic acid
form, both of which are irreversible processes and
result in stable products. Using PTP1B, Barrett and
co-workers generated a mixed disulfide with the
active-site cysteine using either diamide and reduced
glutathione or with glutathione disulfide (GSSG),
which were characterized by mass spectral analy-
sis.172 Enzyme activity could be regained upon addi-
tion of DTT, presumably by reducing the mixed
disulfide. Activity could also be regenerated when the
inactivated PTP1B (as the mixed disulfide) is incu-
bated in the presence of the glutathione-specific
dethiolase enzyme glutaredoxin, indicating that the
inactivated form of PTP-1B is a glutathionyl mixed
disulfide. Because of the instability of the sulfenic
acid intermediate upon reaction of the cysteine
thiolate with H2O2, it has been proposed that the final
oxidized product leading to inactivation of the phos-
phatase is as a mixed disulfide (Figure 17).164,172 The
physiological importance to PTP regulation remains
to be fully explored, but the ability of the PTPs to be

regulated through oxidation of the catalytic cysteine
residue in conjunction with other regulatory mech-
anisms is appealing and may explain how specific
PTPs are positively or negatively regulated in the
cell.

3. Regulation by Phosphorylation
The regulation of cellular processes is quite com-

plex and can involve a number of mechanisms. One
of the most common mechanisms, however, is through
phosphorylation/dephosphorylation. A majority of the
protein tyrosine phosphatases that have been dis-
cussed in this review act upon regulatory enzymes
that govern important cellular events. Dephosphor-
ylation of ERK2 by MKP-3, for example, results in
loss of kinase activity and termination of cell-signal-
ing events. Ironically, some of the PTPs themselves
are phosphorylated. Several reports have identified
phosphorylation of the PTP CD45 in T cells as an
event that may regulate its activity.173-175 The effects
of phosphorylation vary from phosphatase to phos-
phatase, however. One of the best examples of varied
effects of phosphorylation upon phosphatases activity
is observed with the dual-specificity phosphatases
Cdc25A, Cdc25B, and Cdc25C. These dual-specificity
PTPs participate in the tightly controlled regulation
of the cell cycle. Hoffmann et al. demonstrated that
phosphorylation of Cdc25A in the S phase of the cell
cycle is dependent upon Cdc2/Cyclin E kinase activity
and results in a 2-3-fold rate enhancement.54 Cdc25C
has also been shown to undergo phosphorylation.
Phosphorylation of Cdc25C is required for the de-
phosphorylation and subsequent activation of Cdc2-
cyclin B and entry of cells into M phase.52 Phospho-
rylation of Cdc25C by Cdc2-cyclin B resulted in a
4-5-fold increase in phosphatase activity but was not
identified as an in-vivo substrate of the cyclin A-
associated kinases. A human proliferation-related
kinase (Prk) has recently been shown to not only
interact with but also phosphorylate Cdc25C.176 Prk
has been demonstrated to regulate M phase func-
tions.177 Interestingly, Cdc25B also becomes phos-
phorylated but does not lead to an increase in activity
nor does it participate in feedback loops with Cdc2-
Cyclin complexes as observed with Cdc25A and
Cdc25C. Baldin et al. presented data suggesting that
Cdc25B is targeted for in vitro and in vivo degrada-
tion by the proteosome upon phosphorylation.178

Phosphorylation of Cdc25B was dependent upon
Cdc2-Cyclin A activity but not Cdc2-Cyclin B, sug-
gesting another regulatory point in the cell cycle.
Splice variants of Cdc25B (Cdc25B1 and Cdc25B2)
have shown an increase in activity toward Cdc2-
Cyclin B but can also dephosphorylate Cdc2-Cyclin
A when Cdc2-Cyclin A is inactivated by phosphory-
lation.179 Work by Nishijima et al. has also shown
activation of Cdc2-Cyclin B by Cdc25B and suggests
that Cdc25B activation of Cdc2-Cyclin B is the initial
regulatory step that initiates mitosis through the
activation of Cdc25C.180 Combined, these results
illustrate the delicate regulation that exists between
both the Cdc25 phosphatases and Cdc2 kinases
during the cell cycle. Brondello and co-workers
recently observed an opposite effect whereby phos-
phorylation of MKP-1 by p42/p44MAPK resulted in

Figure 16. Expected products from the reaction of NBD-
Cl (1) with cysteine thiolates or sulfenic acids.

Figure 17. Proposed mechanism for the inactivation of
PTPs and DS-PTPs via hydrogen peroxide oxidation and
reactivation by sulfhydryl-containing compounds.172
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stabilization of the phosphatase and increased half-
life.181 It is unclear, however, whether phosphoryla-
tion leads to a truly more stable enzyme or protects
from degradation of proteases that would normally
degrade the unphosphorylated PTP.

The cytosolic phosphatase PTP-1B also undergoes
phosphorylation. PTP-1B contains a total of three
different phosphorylation sites that are dependent
upon the activity of vastly different kinases. PTP-
1B undergoes phosphorylation during the transition
from G2 to M in the cell cycle.182 A C-terminal region
in PTP-1B contains three serine residues at positions
352, 378, and 386, all of which were phosphorylated.
Protein kinase C (PKC) and Cdc2-Cyclin B were
found to phosphorylate Ser-378 and Ser-386, respec-
tively, but the kinase responsible for the phosphory-
lation at Ser-352 has not been identified. At the time,
the effect of phosphorylation upon enzyme activity
in PTP-1B was not determined and the physiological
significance of phosphorylation was only speculated.
It was later determined that phosphorylation at
Ser-352 and Ser-386 not only occurs during mitosis,
but also occurs as a result of osmotic shock and other
environmental stresses.183 It has been proposed that
the same kinase activity responsible for phosphory-
lation during mitosis may also be active under
cellular stress and may represent a novel protein
kinase pathway.

A second phosphorylation site at Ser-50 has re-
cently been identified.184 The evolutionarily conserved
dual-specificity kinases CLK1 and CLK2 were shown
to phosphorylate PTP-1B at Ser-50, resulting in a
3-5-fold increase in phosphatase activity in vitro,
while coexpression of CLK1 or CLK2 with PTP-1B
in HEK 293 cells produced a 2-fold increase in
activity. CLK1 and CLK2 also increase the catalytic
activity of the related S. cerevisiae PTP-1B (YPTP1)
by 2-fold. While the biological role of the CLK kinases
has yet to be determined, it appears that PTP-1B
may be an important cellular target for CLK phos-
phorylation.

It has been shown that PTP-1B dephosphorylates
a number of proteins in response to insulin.185 It was
later determined that PTP-1B forms a complex with
the insulin receptor in vivo and is phosphorylated at
Tyr-66 and/or Tyr-152/153. The extent of phosphor-
ylation and activation on PTP-1B was not deter-
mined, but mutagenesis of Tyr-66 and Tyr-152/153
substantially reduced the amount of phosphorylated
PTP-1B as well as the extent of interactions between
PTP-1B and the insulin receptor. PTP-1B was fur-
thermore shown to be phosphorylated and interact
with the epidermal growth factor receptor (EGFR).186

Phosphorylation occurred specifically at Tyr-66 and
resulted in a 3-fold increase in PTP activity. Ad-
ditionally, two other PTPs undergo phosphorylation
on tyrosine residues upon binding to physiologically
relevant proteins. After platelet-derived growth factor
(PDGF) stimulation, SHP-2 binds to and is phospho-
rylated by the PDGF receptor at Tyr-542.187 The
receptor-like PTP RPTPR is phosphorylated at posi-
tion Tyr-789 and binds to the adapter protein GRB2,
which may result in an attenuation in growth factor
signaling by competing with receptor protein tyrosine

kinases for GRB2.188 The existence of numerous
phosphorylation sites within PTPs illustrates the
complexity by which many of the phosphatases are
regulated. Although the majority of PTPs do not
appear to be regulated by phosphorylation, enough
support exists to suggest that phosphorylation may
be a regulatory mechanism for some members of the
PTP family.

III. Serine/Threonine Specific Protein
Phosphatases

A. Background
This section of the review will concentrate strictly

on the structural and mechanistic work that has been
published on the PPs in recent years. Also to be
addressed is regulation of specific members of the PP
family. For more detailed accounts on the serine/
threonine specific PPs, PP1, PP2A, and PP2B (cal-
cineurin), please refer to the corresponding authors
whom have also contributed articles to this issue of
Chemical Reviews.

The serine/threonine-specific phosphatases (PPs)
constitute the second major class of protein phos-
phatases that catalyze the dephosphorylation of
proteins containing phosphorylated amino acid resi-
dues. The PP class is divided into two distinct gene
families, designated PPP and PPM. The PP’s are
partially categorized into families based upon regula-
tory and targeting domains that are associated with
the catalytic domain, their sensitivity to a variety of
different inhibitors, distinct metal requirements, and
genetic homology.4,13,189-191 The PPP gene family
consists of such subfamilies as PP1, PP2A, PP2B
(calcineurin), and PP5 with a given family being
further subdivided.192 PP1 is an important regulator
of glycogen metabolism,193,194 and based upon obser-
vations on inhibition of PP1, as well as PP2A, by the
tumor promoter okadaic acid, it may also act as a
tumor suppressor.195 PP2A has been proposed to
participate in many regulatory roles including gen-
eral metabolism, the cell cycle, and cellular signal-
ing.196,197 PP2B is one of the most highly studied
members of the PPP family and plays an important
role in many signal transduction pathways. The most
prominent role of PP2B is in T-cell receptor-mediated
signal transduction in T lymphocytes.198,199 PP2B is
activated upon binding of calmodulin and cal-
cium200-203 and is a target of the immunosuppressive
drugs cyclosporin A and FK506.204,205 Lambda protein
phosphatase (λ-PP), a PPP isolated from bacterio-
phage lambda, exhibits many of the same character-
istics as the other members of the PPP family but is
of much smaller mass and has made an excellent
model for study of the PPP gene family. The biological
role of λ-PP remains to be determined.

The second gene family, PPM, consists of a large
and varied family of phosphatases that are present
in both prokaryotes and eukaryotes.206 PP2C is the
defining member for this gene family. The PP2C
subfamily shows a strong dependence for Mg2+ or
Mn2+ 207 and exhibits no significant sequence homol-
ogy with the PPP family members.13,190 Mammalian
PP2C isolated from a number of sources, including
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human, exhibits greater than 90% sequence homol-
ogy between species, such as rabbit and rat. Mam-
malian PP2C exists in two major isoforms, PP2CR
and PP2Câ, which show 75% identity with each
other. Three different isoforms of PP2CR (R-1, R-2,
and R-3) have been isolated from HL60 monocytes.208

Within the PP2Câ class, five separate isoforms (â-1,
â-2, â-3, â-4, and â-5), which are splicing variants of
the same mRNA, have been isolated from mice.209-211

PP2C appears to have a conserved role in negatively
regulating MAPK (mitogen-activated protein kinase)
pathways in several systems. PP2C has been shown
to regulate the pheromone and osmoregulation path-
ways in yeast by acting on various MAP kinases and
upstream regulators.212,213 PP2C is also hypothesized
to regulate the stress-activated signal transduction
pathway in fission yeast.214 In plants, MP2C (a PP2C
homolog) appears to down regulate the stress-induced
MAPK pathway that is activated by drought, cold,
wounding, and physical contact. In mammals, PP2C
has been shown to down regulate the stress-activated
p38 and JNK MAPK pathways.215,216

B. The PPP Gene Family

1. Structure of the PPP Gene Family
The PPPs typically consist of a catalytic subunit/

domain in association with regulatory or targeting
subunits/domains that are important in defining the
biological roles of these phosphatases. There is very
little homology between these subunits and/or do-
mains, with the exception of the catalytic domain. For
example, PP2B contains the catalytic subunit A as
well as well as a calcium-binding subunit B and
calmodulin.6,13 The catalytic subunit of PP1 can be
associated with at least 15 different regulatory
subunits, including Gm, inhibitor-1, inhibitor-2, and
p53BP2.13 The PPP family of phosphatases is further
distinguished from the PPM family based upon

amino acid sequence. The catalytic domain contains
a highly conserved active-site motif with the consen-
sus sequence DXH(X)23-26GDXXDR(X)20-26GNH(E/
D) as is observed in PP1, PP2A, PP2B, and λ-PP.12,217

Interestingly, this general motif is also found in other
phosphoesterases such as 5′-nucleotidases, RNA de-
branching enzyme, and 2′3′-cyclic nucleotide phos-
phodiesterases,218 illustrating nature’s conservation
of this general method of phosphoesterase activity.

A common architecture consisting of a â-R-â-R-â
scaffold was identified from the solution of X-ray
structures of PP1219,220 and PP2B (Figure 18).221,222

This structural scaffold contains a dinuclear metal
ion center which constitutes the active site. The
identity of the metal ions in PP2B was determined
to be Fe3+ and Zn2+ based upon electron paramag-
netic resonance (EPR) studies and the presence of
stoichiometric amounts of iron and zinc in the
enzyme.223 The identity of the metal ions in PP1 has
not been identified, but the enzyme shows the same
structural motif and coordination environment as
that observed with PP2B. Regardless of the metal
ions in the active site, metal ion 1 (M1, Fe3+ in PP2B)
is octahedrally coordinated by two aspartate residues
(D90 and D118 using PP2B numbering, Figure 19),
a histidine residue (H92) and three water molecules

Figure 18. Ribbon diagram of (A) PP2B and (B) an expanded view of the active site showing the interaction of ligand
residues and other amino acids important in catalysis. The â-subunit is in gold with the calcium atoms in red. The catalytic
subunit is in dark blue with the â-R-â-R-â motif in green. The iron (pink) and zinc (light blue) are represented as spheres
in both diagrams. Binding interactions between the metal centers and ligand residues are represented as black dotted
lines. Water molecules were removed for clarity. The diagram was generated from the crystal structure of PP2B published
by Kissinger et al.222 using Swiss Pdb Viewer v3.523 and POV-Ray v3.1.

Figure 19. Schematic representation of the ligand envi-
ronment in PP2B based upon the X-ray crystal structure
reported by Kissinger et al.222
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(W1, W2, and W3). The second metal ion (M2, Zn2+

in PP2B) is in a distorted trigonal bipyramidal
coordination environment with an aspartate, aspar-
agine, and two histidine residues (D118, N150, H199,
and H281 in PP2B) as well as a bridging water
molecule, W1. This coordination environment is
identical to that of purple acid phosphatases (PAP)
with the exception that a tyrosine residue is substi-
tuted for a water ligand on the iron atom (M1) of
PP2B.224-226 This ligand substitution in PAPs results
in a tyrosine-to-iron charge-transfer band at ap-
proximately 560 nm which gives the enzyme a purple
color.227

2. Catalytic Mechanism of the PPP Family

Toward elucidating the catalytic mechanism em-
ployed by the PPs, most work has been performed
with PAP, PP2B, and λ-PP. In addressing the cata-
lytic mechanism of PP2B, Graves et al. presented
three initial mechanisms.228 The first involved di-
rected nucleophilic assistance by a group on the
enzyme to form an initial enzyme-phosphate inter-
mediate. A second mechanism proposed direct dis-
placement of the phosphate in the substrate by a
water molecule that is coordinated to the metal
centers. The third hypothesis involved a unimolecular
breakdown of the metal-substrate complex. While
the formation of a phospho-enzyme intermediate has
been observed in other phosphatases,229-231 including
the PTPs,24,100,104-106 results from steady-state kinetic
experiments suggested that a phospho-enzyme in-
termediate was not formed in PP2B. Martin and
associates were unable to demonstrate phospho-
transferase activity, which also supported the lack
of formation of a phospho-enzyme intermediate. At
the time, however, the authors could not rule out the
other two mechanisms. Product inhibition studies
later indicated that both phosphate and p-nitrophenol
act as competitive inhibitors to PP2B, providing
evidence that PP2B utilizes a random uni-bimolecu-
lar mechanism.232 These results suggested that an
intermediate is not formed in the enzyme-catalyzed
reaction because if a phospho-enzyme intermediate
were formed the leaving group must first depart in
an ordered fashion before hydrolysis of the phospho-
enzyme intermediate can occur.233

Additional support for direct hydrolysis of the
phosphate monoester by water was obtained using
bovine spleen PAP and the chiral substrate SP-2′,3′-
methoxymethylidene-ATPγ17O2γ18OγS (4).234 The for-

mation of R-[16O,17O,18O]thiophosphate by PAP was
coupled to the enzymatic incorporation of thiophos-
phate into adenosine 5′-(2-thiotriphostate) (5) and
then analyzed by 31P NMR. Interpretation of the 31P
NMR indicated an inversion of configuration in the
formation of thiophosphate by PAP. If a phospho-
enzyme intermediate were generated by PAP, a net
retention of configuration at phosphorus would have
occurred upon hydrolysis of the intermediate, result-
ing in a distinct 31P NMR spectrum. Through the use
of solvent isotope effects and isotope exchange stud-
ies, Martin and Graves concluded that no phospho-
enzyme intermediate is formed and that proton
transfer from a coordinated water molecule may
occur during binding of substrate.235 Collectively
these studies provide compelling evidence for the lack
of a phospho-enzyme intermediate during catalysis
and supports the involvement of a nucleophilic source
such as one of the water ligands instead of a nucleo-
philic side-chain residue.

The source of the nucleophile has been investigated
through the use of enzyme analysis and model
studies. Through a comparison of the coordination
environment around the metal atoms in PAP and
PP2B, two different water molecules may be the
potential nucleophile for both enzymes, either the
bridging water molecule (as a hydroxide ion) or the
water ligand on iron.222,225 Crystal structures of PAP
or PP2B with phosphate and tungstate219,220,225 show
the formation of a bidentate bridge of the phosphate
oxoanions to the metal centers (Figure 20, A). If this
model represents the model of substrate binding of
the active site, the only nucleophile available for
hydrolysis would be the hydroxide ion bridging the
two metals. The alternative would be the extra water
molecule, which is a ligand to only the iron atom
(Figure 20, B). This water molecule would be acti-
vated enough to undergo nucleophilic displacement
of the phosphate residue on the substrate. Using
bovine spleen (BS) or porcine uterus (PU) PAP, both
Pinkse236 and Wang237 characterized ternary enzyme-
phosphate-fluoride complexes that may represent
the enzyme-substrate complex just prior to hydroly-
sis. Both groups showed that fluoride is a noncom-
petitive inhibitor at pH 5.0, the pH optimum for these
enzymes. Through the use of kinetics and EPR
spectroscopy with BSPAP-F-PO4

236 or EPR analysis
with the PUPAP-F-PO4 complex,237 both groups
proposed that the fluoride ion was a ligand to the
trivalent iron metal atom, displacing the water
ligand. Unexpectedly, when PUPAP-PO4 was ana-
lyzed by Raman spectroscopy or EXAFS,237 the data

Figure 20. Possible mechanistic schemes for phosphate
monoester hydrolysis by purple acid phosphatase proposed
by Wang and co-workers.237
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suggested that the fluoride ion displaced the hydrox-
ide bridge. Because of these results, Wang et al.
proposed a mechanism by which, upon binding of
substrate, the bridged hydroxide ion is shifted toward
the zinc metal (M2+) (Figure 20, A). This distorted
diamond center is thought to increase the nucleo-
philicity of the hydroxide ion in hydrolysis.

Model systems have also provided some insight into
the possible catalytic mechanism employed by the
PPPs. Chin and co-workers addressed the reactivity
of diesters coordinated to simple dinuclear Co(III)
complexes.238-240 Recently, Chin and associates re-
ported on the reactivity of the dinuclear Co(III)
complex [Co2(tacn)2(OH)2{O3P(OAr)}]2+ (6) (tacn )
1,4,7-triazacyclononane) coordinated to various phos-
phorylated substrates, which further supports the
role of the bridged hydroxyanion acting as the nu-
cleophile. From a pH-rate profile and 18O-labeling

experiments, the hydroxide bridging the two cobalt
atoms was found to directly participate in hydrolysis.
When these results are combined with those of Wang
and associates,237 strong evidence exists that the
origin of the nucleophile used by the PPP family of
phosphatases is the bridging water molecule.

Before the crystal structures of many of the PPP
family members were solved, 11 highly conserved
residues were identified based upon the sequence
alignment of many different PPs.12,217 The role of
many of these residues in catalysis and substrate
binding were initially examined with λ-PPP.217 Muta-
tions in Asp-20, His-22, Asp-49, His-76, and Glu-77
showed no significant changes in Km, using pNPP as
substrate, suggesting that these residues play no
direct role in substrate binding. Increases in the Km
for Mn2+ with mutations at Asp-20, His-22, Asp-49,
and His-76 were observed and suggested a role for
these residues in metal binding and/or catalysis.
When residues Arg-53 and Arg-72 were mutated to
alanines, a slight but noticeable increase in Km for
both mutants was observed when pNPP was used as
the substrate, indicating that both residues may be
important for substrate binding and, therefore, may
also be important in alignment of the substrate for
hydrolysis. Arginine residues have been frequently
identified as phosphate-binding residues.94

After the publication of the crystal structures of
PP1219 and PP2B,221,222 many of the conserved resi-
dues were found to be actual ligands to the metal
atoms. These residues were identified as Asp-90, His-
92, Asp-118, Asn-150, His-199, and His-281 (using
PP2B numbering, Figures 18 and 19). Using PP1,
Zhang et al. showed that mutation of Asn-124, His-
66, His-248, Asp-64, and Asp-92 resulted in a sig-

nificant loss in enzyme activity.241,242 These observa-
tions supported the role of these residues in metal
binding as suggested by the crystal structure of
PP1.219 The importance of the ligand residues in
PP2B was further illustrated by Mondragon et al.
using alanine-scanning mutagenesis.243 Using this
method, mutation of the metal-binding residues to
alanine resulted in loss of phosphatase activity,
supporting and expanding the work published by
Zhuo and co-workers.217 Also, mutation of residues
His-151, Arg-122, and Arg-254 to alanine resulted in
a dramatic decrease in activity, further supporting
Zhuo’s initial observations using λ-PP.

Mutation of His-76 in λ-PP to asparagine and the
equivalent residue in PP2B (His-151) to glutamine
also resulted in enzymes with decreased catalytic
activity.244 Interestingly, these mutants showed
changes in their corresponding EPR spectra when
compared to the native enzymes. These changes
indicated that disruption of the ligand environment
around the iron center had occurred, possibly as a
result of the removal of a hydrogen bond that may
be present between the histidine residue and a
ligand-bound water molecule.

Three groups have investigated the role of the
conserved arginine residues in PPP catalysis. It has
been demonstrated that a decrease in activity is
observed in λ-PP, PP1, and PP2B when the conserved
arginine residues are mutated.217,241-243 In the crystal
structures of PP1219,220 and PP2B,221,222 these invari-
ant arginine residues were shown forming hydrogen
bonds with the oxoanions of either phosphate or
tungstate, stabilizing their position in the active site.
It is possible that these residues may be important
in not only binding of substrate, but also aligning the
substrate over the bridging hydroxide ion for hy-
drolysis.

As mentioned previously with respect to the elu-
cidation of the catalytic mechanism employed by
PTPs, (V/K) heavy-atom kinetic isotope effects have
provided tremendous insight into the transition state
of these enzymes. This method has also been em-
ployed successfully to examine the transition state
in PP-catalyzed reactions. Using pNPP as substrate
for PP2B, the extent of bond formation and cleavage
as well as charge development in the transition state
were examined at the pH optimum of 7.0 and also
at 8.5.245 As presented in Table 3, an increase in
18(V/K)bridge and 15(V/K) was observed as the pH of
the assay increased. At pH 8.5, the value of
18(V/K)nonbridge was similar to that observed for non-
catalytic hydrolysis. Together, these results sug-
gested that P-O bond cleavage is partially rate-
limiting at the pH optimum but can be increased at
higher pH. Analysis of λ-PP produced kinetic isotope
effects246 (Table 3) which were very similar to those
observed for the PTPs (Table 1). Because of the
magnitude of the kinetic values, P-O bond cleavage
is fully rate-determining for λ-PP, unlike that ob-
served for PP2B. On the basis of the similarity of the
values, the PPs appear to utilize a dissociative
transition state similar to the PTPs.

In the same study in which the transition state of
native PP2B was examined, Hoff et al. investigated
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the role of His-76 in catalysis.246 When this residue
was mutated to asparagine, the mutant showed V/K
values approximately 350-fold less than the native
enzyme. The V/K pH-rate profile for the H76N
mutant was very similar to the bell-shaped curve
observed with the native enzyme, however, the pH-
dependency of the H76N V/K values at higher pH
ranges were slightly less than that observed for the
wild-type enzyme. The results from the pH profile
studies suggested that His-76 might not be the
protonated residue (general acid) having a pKa value
of approximately 7. The 15(V/K) kinetic isotope effect
for the His76Asn mutant (Table 3) was slightly
higher than the wild-type enzyme, indicating that
there was slightly less charge neutralization of the
leaving group in the transition state compared with
native enzyme. If the leaving group was departing
with a full negative charge, a much larger 15(V/K)
effect would have been observed. While these results
do not substantiate the role of this conserved histi-
dine residue in acid/base catalysis, it is ideally
positioned to donate a proton to the leaving group.

On the basis of the available crystal structures,
mutagenesis experiments, and (V/K) kinetic isotope
studies, the following mechanism is proposed (Figure
21). This mechanism is similar to that reported by
Rusnak and Mertz6 insomuch that His-151 (PP2B
numbering) acts as a general acid/base during ca-
talysis. In the active state (Figure 21, A), the ferric
iron is ligated to an additional water molecule and
the nonligated histidine is protonated. The substrate
is aligned in the active site (Figure 21, B) by the
arginine, and upon binding of the oxoanions of
phosphates to the metal atoms, hydrolysis is initi-
ated. Perturbation of the diamond center upon sub-
strate binding shifts the bridging hydroxide anion
closer to the zinc cation, increasing the nucleophilic-
ity of the hydroxide anion for hydrolysis (Figure 21,
B). As observed by the (V/K) kinetic isotope effects,
substantial bond cleavage in the bridge oxygen atom
develops, with minimal bond formation between the
phosphorus atom and the incoming hydroxide nu-
cleophile (Figure 21, C). As the leaving group departs,
it is protonated by the histidine residue (His-155),
which is acting as the general acid. This would
generate the phosphate complex (Figure 21, D) which
has been observed in many crystal structures.219,221,222

Expulsion of inorganic phosphate and deprotonation
of a ligated water molecule by His-151, acting as a
general base, would then regenerate the active form
of the enzyme (Figure 21, A).

C. The PPM Gene Family

1. Structure of the PPM Family

PP2C is the defining member of the PPM family
of protein phosphatases. When PP2C was initially
isolated in conjunction with PP2A from rat liver,247-250

it was placed alongside the other PPP family mem-
bers. PP2C remained in the PPP family for several
years even though PP2C exhibited an absolute re-
quirement for Mg2+ or Mn2+ to maintain catalytic
efficacy.247,248 Later, sequence alignment with PP1,
PP2A, and PP2B showed no homology to that of
PP2C, suggesting that PP2C was unrelated to the
PPP family and as such represented a separate PP
gene family.191

Mammalian PP2C was initially found to exist as
two highly conserved isoforms (R and â) which show
approximately 70% sequence homology;251-253 how-
ever, each isoform is highly conserved (>90%) be-
tween species such as humans, rats, and rabbits. A
more recently discovered isoform (PP2Cγ) has been
reported but shows only 34% sequence identity to the
R- and â-isoforms.254 Unlike PP2CR and PP2Câ,
PP2Cγ contains an additional acidic domain consist-
ing of 54 amino acids, 40 (75%) of which are either
aspartate or glutamate residues. The function of this
domain has yet to be determined but may be required
for cellular targeting. Unlike the PPP family, mam-
malian PP2C has not been identified in tight associa-
tion with any other subunits.

Sequence alignment of the eukaryotic PP2C family
has identified 11 motifs that have also been observed
in sequences obtained from fungal and bacterial
origin.206 These motifs are distributed along the
entire length of the amino acid sequence. Eight of
these structural motifs contain a total of 14 highly
conserved amino acid residues that may be required
for substrate binding, specificity, or catalysis. The
crystal structure of PP2CR has been solved and has
shed some light on the potential role of some of these
conserved residues.255 The crystal structure of PP2C

Table 3. Isotope Effects for Native and Mutant Enzymes of PP2B and λ-PP

enzymatic reactions

enzyme 15(V/K) 18(V/K)bridge
18(V/K)nonbridge

PP2B, pH 7b 1.0006 ( 0.0005 1.0072 ( 0.0011
PP2B, pH 8.5b 1.0014 ( 0.0001 1.0115 ( 0.0112 0.9942 ( 0.0007
PP2B, pH 8.5, 5mM Mn, pH 7b 1.0011 ( 0.0003 1.0103 ( 0.0014
λ-PP, pH 7.8c 1.0006 ( 0.0003 1.0133 ( 0.0006 0.9976 ( 0.0003
λ-PP-H76N, pH 7.8c 1.0016 ( 0.0003 1.0183 ( 0.0009 0.9976 ( 0.0001

solution reactionsa

15k 18kbridge
18knonbridge

monoanion in water 1.0005 ( 0.0002 1.0106 ( 0.0003 1.0224 ( 0.0005
dianion in water 1.0034 ( 0.0002 1.0230 ( 0.0005 0.9993 ( 0.0007
dianion in tert-butyl alcohol 1.0039 ( 0.0003 1.0202 ( 0.0008 0.9997 ( 0.0016

a From Hengge, A. C.; Edens, W. A.; Elsing, H. J. Am. Chem. Soc. 1994, 116, 5045-5049. b From Hengge, A. C.; Martin, B. L.
J. Am. Chem. Soc. 1997, 36, 110185-10191. c From Hoff, R. H.; Mertz, P.; Rusnak, F.; Hengge, A. C. J. Am. Chem. Soc. 1999,
121, 6382-6390.
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was obtained with two Mn2+ ions bound in the active
site (Figure 22). These ions are positioned at the end
of a â-sandwich that is surrounded by R-helices. The
manganese ions are hexacoordinated and approxi-
mately 4 Å apart. Both metals share a water molecule
and an aspartate (Asp-60) to make a complex (Figure
22) that resembles that observed for PP1219,220 and
PP2B221,222 (see Figures 22 and 23). Three water
molecules and two additional aspartate residues,
Asp-239 and Asp-282, coordinate the manganese ion
that occupies site M1. The second metal center, M2,
is coordinated to four water molecules, the backbone
carbonyl of Gly-61, and the bridging aspartate resi-
due (Asp-60). A phosphate molecule was also present
in the crystal structure, which has provided some
evidence that Arg-33, which is also highly conserved
in many eukaryotic PP2C family members, may play
an important role in substrate binding or catalysis.
Arg-33 appears to position the phosphate directly
above the bridged water molecule in the active site.
This observation has led Das and co-workers to
propose that PP2C catalyzes dephosphorylation using
a mechanism similar to that proposed for PP2B and
other PPP enzymes.255 Besides the quaternary struc-
ture that surrounds the active site, a 90-residue
C-terminal domain that consists of three R-helices is
present, which further distinguishes mammalian
PP2C enzymes from other sources such as those

found in yeast and bacteria. This C-terminal domain
is far removed from the active site and therefore may
be a site of regulation, substrate specificity, or
targeting.

2. Catalytic Mechanism of the PPM Gene Family
With the publication of the crystal structure of the

PP2CR bound with Mn2+,255 a similar mechanism to
that of the PPP family was proposed. However, very
little is actually known about the catalytic mecha-
nism utilized by these phosphatases. Extensive ki-
netic analysis of PP2CR has been performed by Fjeld
and Denu, who provided some information on PP2CR-
catalyzed reactions.256 PP2C has long been character-
ized as a Mg2+- or Mn2+-dependent protein phos-
phatases.191 Other ions such as Ca2+, Ni2+, and Zn2+

have been shown to inhibit the enzyme, possibly by
competing with Mn2+ or Mg2+ for the active site.257

Fjeld and Denu observed the effects of Mg2+, Mn2+,
Ca2+, Ni2+, and Zn2+ as well as other divalent metal
ions on PP2C catalysis.258 Surprisingly, Fe2+ was over
1000-fold better than Mg2+ with respect to the steady-
state parameters kcat and V/K.258 A pH-rate profile
of PP2CR using Mn2+ and Mg2+ with pNPP as
substrate identified two critical ionizations required
for activity.258 One ionization with a pKa value of 7
must be unprotonated, while an ionization with a pKa
value of 9 must be protonated for activity. It was

Figure 21. Proposed mechanism utilized by the PPP gene family with designated amino acid residues believed to play a
role in catalysis. The mechanism is similar to that published by Rusnak and Mertz6 insomuch that His-151 is acting as a
general acid/base. Amino acid numbering is for PP2B (calcineurin).
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proposed that the ionizable group having a pKa value
of approximately 7 might be the water molecule that
bridges the two metal atoms in the active site. It has
been proposed by some that the nucleophile in
metallohydrolases is an activated water molecule
with a pKa ∼ 7.259,260 The identity of the other
ionizable group having a pKa value of approximately
9 has not been determined with certainty. The
authors wished to mention that the crystal structure
of PP2C reported by Das et al.255 was obtained at pH
5. Fjeld and Denu demonstrated that the enzyme is
improperly protonated at this pH.258 Interestingly, in
the crystal structure of PP2CR, a conserved histidine
residue (His-62) was located near the active site but
the side chain was positioned too far away to act as
a general acid/base and, instead, hydrogen bonds
with an aspartate residue (Asp-199). It is difficult to

propose a role for many of the residues that reside
close to the active site, because at this pH the
environment surrounding the active site may not
represent the active form of the enzyme. If the crystal
structure of PP2CR can be obtained using a pH closer
to the pH optimum so that all of the side chains are
properly protonated, it can be determined whether
the environment around the active site at the pH
optimum is different than that reported by Das and
co-workers and more accurately reflects the active
state of the enzyme.255

Steady-state and inhibition studies indicated a
sequential reaction pathway for PP2CR in which
metal ions bind prior to binding substrate while
phosphate is the last product to be released.258 Pre-
steady-state studies revealed an initial “burst” of
product formation at pH 8.5, which is consistent with
the phosphate release being the rate-limiting step
under these conditions. Also of note, PP2CR was
shown to have a greater preference for diphosphor-
ylated substrates, especially when the two phosphor-
ylated sites are in close proximity to each other.

From these studies, several issues remain unre-
solved. Further studies need to address whether a
phospho-enzyme intermediate is formed during
catalysis by PP2CR. Fjeld and Denu, however, did
not observe a phospho-enzyme intermediate during
their studies.258 Also, the crystal structure of PP2CR255

does not show a side-chain nucleophile around the
active site, further suggesting that the nucleophile
may be the bridged water molecule. This would imply
that PP2CR hydrolyzes phosphate esters using a
mechanism very similar to that proposed for the PPP
gene family. The identity of the ionizable group
having a pKa value of approximately 9 has not been
determined. Because the active-site metal atoms

Figure 22. Ribbon diagram of (A) PP2CR and (B) an expanded view of the active site showing the two manganese atoms
(represented as green spheres) with the ligand residues in yellow. Bonding interactions are represented as dashed lines.
A phosphate residue (orange) is acting as a ligand to the two metal centers. Water molecules were removed for clarity.
The diagram was generated from the crystal structure of PP2CR published by Das et al.255 using Swiss Pdb Viewer v3.523

and POV-Ray v3.1.

Figure 23. Schematic representation of the ligand envi-
ronment in PP2CR based upon the X-ray crystal structure
reported by Das et al.255 Arg-33 hydrogen bonds to the
phosphate residue in the crystal structure.
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make fewer contacts with the enzyme in comparison
to PP1, PP2B, or PAP, the residue having a pKa of
∼9 may play an important role in maintaining the
three-dimensional structure of the active site. As
observed with λ-PP217 and PP2B,243 mutating any of
the residues that are ligands to the metal atom
results in a dramatic decrease (up to 40 000-fold) in
activity, due to altering the structure of the coordina-
tion environment around the metal atoms. The
authors are currently examining the role of the 14
conserved residues in PP2CR through site-directed
mutagenesis, which will provide further information
on the specific role of each conserved residue. Of
particular interest is residue His-62, which as previ-
ously mentioned could be repositioned toward the
metal cations when the enzyme is in the correctly
protonated state. Further biochemical studies will
expand our current knowledge on the catalytic mech-
anism utilized by the PPM gene family.

D. Regulation of Serine/Threonine Phosphatases

This section of the review will only cover the
possible regulation of PP2C in mammalian cells. For
a detailed account of regulation in PP1, PP2A, and
PP2B (calcineurin), please refer to the corresponding
reviews in this issue of Chemical Reviews.

While little is known about the catalytic mecha-
nism utilized by PP2C, even less is known about its
regulation. Currently, there are two potential modes
of regulation that have been proposed: regulation by
phosphorylation and redox control. Phosphorylation
of PP2C has been demonstrated by Tamura and
associates, both in vitro and in vivo, using either
Saccharomyces cerevisiae261 or COS7 cells.262 The
sites of phosphorylation were identified as Ser-375
and/or Ser-377; however, physiological effects using
the double mutant S375A/S377A were not deter-
mined. While phosphorylation may be a method of
regulation of PP2C activity, additional research on
the physiological role of phosphorylation is required
before this hypothesis can be substantiated.

Redox regulation of PP2C may be a more effective
and specific method to regulate its activity. It was
initially proposed by Pato and Kerc that the identity
of the metal ion used in catalysis by PP2C may play
a role in its regulation.257 The important discovery
by Fjeld and Denu, that PP2CR activity is greatly
enhanced in the presence of Fe2+, strongly suggests
that Fe2+ may be an in vivo metal in the active site.258

PP2CR was shown to have a strict requirement for
at least one Fe2+ ion; however, the enzyme may also
accommodate an Fe3+-Fe2+ center. While it has yet
to be determined whether PP2CR can also accom-
modate an Fe3+ ion, the oxidation state of one or both
metal ions could be a target of regulation. PAP is
believed to contain a mixed valence diiron center
which can also be represented as an Fe3+-Fe2+ metal
center.263 PP2B is observed having an Fe3+-Zn2+

metal center223 but can be reconstituted to contain
an Fe3+-Fe2+ center.264

If an iron center is truly the in vivo metal in the
active site of PP2C, an interesting method of regula-
tion can be proposed. In 1996, Klee and associates
observed the in vitro and in vivo protection of PP2B

from oxidative damage by superoxide dismutase.265

This effect on PP2B activity has also been observed
more recently by both in vitro266 and in vivo stud-
ies.267 Sommer and co-workers demonstrated that
PP2B activity can be affected by a number of biologi-
cal oxidants such as hydrogen peroxide and super-
oxide, while reductants such as glutathione and
ascorbate protect from deactivation.266 The authors
also observed inactivation of PP2CR in the presence
of superoxide, which can be protected with superoxide
dismutase, but not catalase (unpublished results).
Superoxide is likely targeting either the iron center
or modifying an amino acid residue close to the active
site. It is possible that superoxide is oxidizing the lone
Fe2+ in PP2B to Fe3+, thus affecting the requisite
oxidation state of the dinuclear metal center. Alter-
nate sites of oxidation, however, include active-site
histidines that are either ligands to the metal center
or are required in catalysis. There is precedence for
the oxidation of critical histidine residues in enzymes
that also contain a metal-binding site. Such examples
include iron regulatory protein 2,268 Cu-Zn-super-
oxide dismutase,269 and alcohol dehydrogenase II.270

The oxidized residue is believed to be 2-oxo-histidine.
It is thought that this oxidized derivative is the result
of the initial reaction of iron with a highly reactive
oxygen species (superoxide) to form a reactive inter-
mediate, possibly a hydroxy radical. This initial
intermediate may then oxidize a histidine that is in
close proximity to the metal center. This hypothesis
could also explain PP2B’s susceptibility to superox-
ide, because PP2B not only has histidine residues
that are coordinated to the iron center but also
contains a histidine residue that may participate in
acid/base catalysis. Our laboratory is currently ad-
dressing the issue of histidine oxidation as a potential
site of oxidative regulation in PP2C catalysis. PP2C
is involved in down-regulating the stress response in
the cell; therefore, oxidative regulation of PP2C may
be a way of ensuring that the stress response is not
terminated. Redox regulation of the metal center or
a side chain of a residue may be important in
controlling catalysis. Further studies are currently
underway to address these issues.

IV. Mechanistic Comparisons between Protein
Phosphatases and Alkaline Phosphatases

While this review has focused exclusively on the
mechanistic and structural aspects of protein phos-
phatases, the alkaline phosphatases (APs) share
many mechanistic similarities between the PTP and
PP gene families. Several excellent reviews on alka-
line phosphatase structure and mechanism have been
published over the years, and the authors would like
to direct the reader to more recent reviews for a more
detailed discussion on this topic. The brief summary
that follows was derived from recent reviews by Holtz
and Kantrowitz271as well as Coleman.272

Alkaline phosphatase is a nonspecific phospho-
esterase found in a variety of organisms ranging from
bacteria to yeast and mammals. E. coli AP is the
prototype for all of the alkaline phosphatases, and a
predominant amount of crystallographic, NMR, and
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kinetic studies have been preformed with this en-
zyme. For maximal activity, AP requires a total of
three divalent metal atoms in the active site (two zinc
atoms and one magnesium at sites M1, M2, and M3,
respectively). An aspartate residue (Asp-51) bridges
the zinc and magnesium atoms (positions M2 and
M3, respectively), similar to that observed for PP2B
(Asp-118) and PP2CR (Asp-60). A serine residue (Ser-
102) is located at the base of the active site and
becomes phosphorylated upon removal of the leaving
group. This serine residue is activated by coordina-
tion to zinc at position M2. Interestingly, the serine
residue is not absolutely required for catalysis. Muta-
tion of the serine to other amino acid residues
produces mutants that, while less active than the
native enzyme, still exhibit phosphatase activity.
When the Zn metals are substituted for softer metals
such as Cd2+, there is a significant decrease in
activity. This observation suggests that the metal
atoms within the active site play the most influential
role in catalysis.

The catalytic mechanism of AP toward phosphor-
ylated substrates is illustrated in Figure 24. Upon
binding of substrate, the phosphate of the substrate
forms a phosphate bridge between Zn1 and Zn2 with
two of the phosphate oxygens as well as salt bridges
with Arg-166. This aligns the phosphate in position
so that the conserved serine residue (Ser-102), ideally
located opposite the bound substrate, can react with
the phosphate in a SN2 mechanism similar to that
observed with the conserved cysteine residue in PTPs
to form, in the case of AP, a phosphoserinyl inter-
mediate. Upon expulsion of the leaving group, an
activated water molecule that is a ligand to Zn1
hydrolyzes the transient serine-phosphate interme-
diate to form a second nonenzyme-bound phosphate

intermediate. The last and rate-limiting step in the
reaction involves dissociation of phosphate from the
metal center to regenerate the active enzyme. As
observed in the presence of other nucleophiles, AP
also acts as a phosphotransferase to generate other
phosphoesters. It is interesting that the catalytic
mechanism for APs is a hybridization between the
catalytic mechanism employed by PTPs and PPs.
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